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Abstract
Endocrine disruption is an alteration of the chemical messaging processes in the
body. The value of studies‐ and monitoring of endocrine disruption using
techniques included in the field of toxicogenomics is undoubtedly supported by
scientific literature over the past four decades, as is demonstrated in Chapter 1
where I review relevant literature on the topic. Clearly, well sustained bio‐
monitoring will include studies both in vitro and in vivo, and very well on
transcriptional and translational levels. Animals are providing good models for
in vivo studies to report or monitor endocrine disruption. It is imperative
though to first understand such an animal’s biology, especially its endocrine
system, and characterize what is considered “normal” for a species before
engaging in endocrine disrupting exposures. A multitude of studies report
endocrine disruption in relation to reproductive systems, with more recent work
illustrating alteration of metabolism related to thyroidogenic disruption within
the last decade.
It is therefore essential to consider sex determination and ‐differentiation
when studying sentinel species. Apart from the obvious academic interest in the
matter of sex differentiation, altered patterns of sex differentiation in certain
appropriate species provide for a very convincing endpoint in monitoring
estrogenic endocrine disruption. As I approach to study a potential sentinel
species for the southern African subcontinent, I set forward to study aspects of
endocrine disruption influencing the reproductive system in a piece‐meal
manner, starting with estrogenic endocrine disruption as this is the best studied
facet of the endocrine disruption hypothesis to date. Yet, one learn from vast
amounts of literature that in cases where sex is not exclusively determined by
the genetic fraction of an individual, a number other characteristics may very
well be used to determine estrogenic disruption in ecosystems. Quantitative
production of the egg yolk precursor protein (vitellogenin) resides under these
characteristics, and in the proposed sentinel, South African tilapiine, Oreochromis
mossambicus phenotypic sex can be altered by environmental sex determination.
The present study therefore targeted firstly the product most often used
in tier I screening processes, vitellogenin (VTG). Specimens of O. mossambicus
were cultured for this purpose from wild breeding stock, sampled at 5 day
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intervals and the transcription levels of vitellogenin gene (vtg) studied in those.
Hereby, Chapter 2 describes the cloning of partial vtg gene and subsequent
temporal expression of vtg quantitatively in O. mossambicus. To shed light on the
state of gonadal differentiation sub‐samples were subjected to histology,
illustrated in Chapter 3. In addition the quantitative vtg responses has been
described in this study at a transcriptional level, both of adult males and
juveniles subjected to low and very high levels of natural estrogens.
In addition, a 3 kb 5’ flanking region of vtg was cloned and sequenced,
and several putative binding sites identified for transcription factors of vtg,
including several estrogen responsive elements (EREs). These indicate the
expected regulational process of vtg by estrogens. Subsequently I measured the
transcription levels of the only enzyme capable of aromatizing androgens into
estrogens, Cytochrome P450 19 (cyp19) as has been characterized in Chapter 3.
For stable binding of an estrogen to an ERE, binding of the ligand to its
specific nuclear receptor (Estrogen receptor, ESR) is required. Since E2 is known
to have different mechanisms of action in vertebrates, the expression levels of
the ESRs were evaluated in our sample set after cloning 3 different homologues
of ESR in O. mossambicus. The results on this matter is discussed in Chapter 4
and provides in addition to data on vtg and cyp19 a platform of “normal”
transcription levels of these candidate genes involved in estrogenic endocrine
disruption of O. mossambicus.
Ultimately,

characterization

of

those

candidate

genes

involved

extensively in phenotypic sex, contribute to our understanding of sex
determination and differentiation in this species in a small way.
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Opsomming
Endokrien versteuring in mens en dier verander die chemiese boodskappe in die
liggaam met merkwaardige gevolge, waarvan wetenskaplike literatuur oor die
afgelope vier dekades onteenseglike bewys toon. Huidiglik rapporteer hierdie
literatuur hoofsaaklik afwykings in terme van die voorplantingsisteem, hoewel
meer onlangse studies ook bemoeid is met metaboliese afwykings wat verband
hou met tiroïed versteuring.
Akwatiese diere word tans met groot sukses gebruik om vir endokrien
versteurende komponente te toets aangesien sulke middels akkumuleer in
waterliggame. Aangesien vis spesies in baie opsigte, veral betreffende die
voorplantingsisteem, merkwaardig verskil, is dit dus van uiterse belang om so ‘n
potensiële spesie se biologie goed te bestudeer.
Een van die Suid‐Afrikaanse tilapia spesies, Oreochromis mossambicus,
word tans bestudeer met die oog op monitering van endokrien versteurders in
Suider Afrika. Hierdie varswater spesie wat verwant is aan die Nyl tilapia (O.
niloticus) en Bloukurper (O. aureus) word ook veral in akwakultuur gebruik.
Dus het hierdie studie beoog om uitdrukkingsvlakke van sekere
kandidaat‐gene wat kwantitatief geslagsspesifiek is, te bestudeer in Mosambiek
tilapia. Vitellogeen (VTG, voorloper proteien van dooier in eierlêende diere)
word onder andere differensiëel verskillend in mannetjies en wyfies vervaardig
– in wyfies baie meer as in mannetjies vanweë hul funksie om eiers te lê.
Geneties kan beide mannetjies en wyfies dus vir hierdie geen (vtg) kodeer, maar
wel kwantitatief reguleer. 17β‐Estradiol (E2), ‘n steroiëd hormoon wat ook teen
verskillende vlakke in mannetjies en wyfies voorkom, is bekend daarvoor om
die uitdrukking van vtg te beheer. E2 word geproduseer vanaf cholesterol deur ‘n
reeks ensimatiese stappe, gekataliseer deur verskeie Sitochroom P450 ensieme
(CYP). Daar is egter slegs een ensiem (CYP19) wat die vermoë besit om ‘n
koolstof‐19 androgeen te aromatiseer om ‘n koolstof‐18 estrogeen te vorm.
Verder, vir E2 om die uitdrukking van vtg te reguleer, vereis die proses dat die
ligand (E2) met ‘n spesifieke kern‐reseptor (Estrogeen reseptor, ESR) bind.
Op grond hiervan het ons die uitdrukking van vtg onder normale
omstandighede bestudeer in ontwikkelende Mosambiek tilapia. Klonering en
volorde‐bepaling van gedeeltelike vtg en ook die promoter area hiervan werp in
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hierdie studie verdere lig op regulering van hierdie veelbesproke geen in
verband met endokrienversteuring. Gevolglike blootstellingseksperimente,
beide aan hoë en lae konsentrasies van estrogeen aan volwasse en
ontwikkelende visse, toon tentatief aan dat hierdie spesie uiters geskik is as bio‐
monitor vir estrogeen‐verwante komponente in water. Hierdie inligting, tesame
met die onwikkeling van ‘n kragtige metode, verskaf dus ‘n soliede platvorm
vanwaar omgewingstudies nou standaard uitgevoer kan word.
Voorts

illustreer

hierdie

studie

op

histologiese

vlak

gonadale

ontwikkeling, met bypassende data om ook die uitdrukkings vlakke van beide
cyp19 isoforme asook drie ESR isoforme gedurende geslagsontwikkeling te toon.
Uiteindelik beskik ons nou oor die geenvolgordes, tegniek en inligting om
genetiese aspekte van geslagsontwikkeling rakende vtg uitdrukking te
karakteriseer en dus hierdie spesie as bio‐monitor vir endokrien versteuring te
kan gebruik.
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General introduction
In the course of the following pages I attempt to resolve some matters of gene
expression against the background of a Tilapiine fish as a bio‐monitor for
pollution by endocrine disrupting compounds (EDCs) in the sub continent of
Southern Africa.
EDCs pose a definite threat to modern society as well as the ecology
(Jobling & Sumpter 1993; Colborn et al. 1993; Segner et al. 2006), and needs to be
addressed as it appears. For this reason, monitoring areas of possible
contamination is mandatory and asks for good understanding of (a) the biology
of each component in the monitoring system, and (b) defining the “normal” state
before adverse effects can be reported in any such system.
The vast majority of physiological systems currently known to be affected
by EDCs are those that activate the parts of the endocrine system associated with
the steroid‐, retinoid‐ and thyroid receptors (Crews & McLachlan 2006), of which
most often reported to involve the female hormone E2 in relation to other
receptors (Segner et al. 2006). Estrogens are known to affect especially juveniles
and foetuses of pregnant woman (Carey & Bryant 1995), and in particular their
reproductive systems.
Some of the most abundant sources of EDCs are from industries such as
farming (pesticides), paper mills and plastic factories. In these cases, the
compounds enter an ecological system by water runoffs from farms/factory
plants whereby the aquatic environment serves as a sink for chemical
substances, particularly endangering aquatic animals by the action of EDCs.
Consequently, EDCs can be monitored in aquatic animals where these
compounds tend to accumulate due to the nature of the biology of these animals
(e.g. water running over gills) (Kime 1998; Guerriero & Ciarcia 2006).
In this regard, a product that stands out as a reaction on this subset of
EDCs is Vitellogenin. The translated product of the vitellogenin gene (vtg) is
synthesized in the liver of aquatic egg‐producing animals primarily under the
influence of E2. Vitellogenin (VTG) is modified extensively post‐translationally in
the liver, secreted into the bloodstream, and sequestered by the oocytes via
specific VTG receptors (Lim et al. 1991). Here VTG is cleaved into subunits of
yolk proteins. The process of vitellogenesis (formation of VTG) has been studied
in many aquatic species throughout the past two decades which include both in
1

vivo and in vitro effects of marine and freshwater species (Wahli 1988; Ding et al.
1993; Dodson & Shapiro 1994; Sumpter & Jobling 1995; Kime et al. 1999;
Perazzolo et al. 1999; Tong et al. 2004; Craft et al. 2004; Radice et al. 2004; Barucca
et al. 2006).
Kim et al. (2003) illustrated the enhanced and induced effects of E2 on
hepatocyte cultures in male and female tilapia (O. mossambicus) respectively, and
therefore confirm the strong vtg inducing effect in this species.
On account of the available literature (Chapter 1), a need was identified to
characterize the expression of vtg during development of the South African
tilapiine, Oreochromis mossambicus (Mozambique tilapia) (Chapter 2). Vtg Is
known to be under regulation of E2, which in turn is dependant on a catalyzation
reaction by Cytochrome P450 19 (aromatase). Therefore, the characterization of
the aromatase gene (cyp19) has been documented in Chapter 3. Along with a
histological view of gonadal development, the substrate specific transcription
levels of cyp19 reveals possible production of E2 in cell types other that classically
known to be the E2 producing cells. Moreover, vtg transcription is potentially
regulated by various transcription factors as was found in Chapter 2. However,
regulation via E2 requires a ligand‐receptor complex of E2 and its nuclear
receptor (estrogen receptor, ESR, alias: Er, Nr3A, ER, er, ER) to several available
estrogen response elements (EREs). Chapter 4 subsequently characterizes three
homologues of the ESR genes in O. mossambicus which also adds to the
knowledge of teleostean ESR evolution.
Finally, O. mossambicus proves to be a good sentinel for monitoring
estrogenic endocrine disruption (Chapter 2). The present study provides hereby
a sound platform from where the journey can continue in developing this
species as monitor for other types of endocrine disruption, as well as providing a
reference point to be referred to for estrogen‐induction studies/estrogen bio‐
monitoring in the Southern African subcontinent.
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Chapter 1

Sex determination and differentiation control
pathways in fish and the relevance to bio‐
indicating endocrine disruption in aquatic
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INTRODUCTION
Endocrine disrupting compounds (EDCs) pose a definite threat to modern
society as well as the ecology (Colborn et al. 1993). For this reason monitoring
areas of possible contamination is mandatory, which asks for good
understanding of (a) the biology that is monitored, and (b) what the “normal”
state is before we can report adverse effects in any monitoring system. The vast
majority of physiological systems currently known to be affected by EDCs are
those that activate the parts of the endocrine system associated with the steroid‐,
retinoid‐ and thyroid receptors (Crews & McLachlan 2006), of which most often
involve the female hormone 17β‐Estradiol (E2) in relation to other receptors. E2
is known to affect especially juveniles or a fetus of pregnant woman (Carey &
Bryant 1995), in particular their reproductive systems. Moreover this steroid
hormone is reported to affect some male‐associated traits (Gunderson et al. 2001;
Pawlowski et al. 2004; Santos et al. 2006). Furthermore, some of the most
∗
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abundant sources of EDCs are from industries such as farming (pesticides),
paper mills and plastic factories. In these cases the compounds enter ecological
systems by runoffs from farms/factory plants. Consequently, EDCs can be
monitored in aquatic animals where these compounds may accumulate by the
nature of the physiology of these animals (e.g. water running over gills) (Kime
1998).
Processes of sex determination and differentiation are reviewed here,
with emphasis on aquatic animals, specifically fish, followed by a discussion on
how the “‐omics” can be used to assist us in monitoring areas of possible EDC
contamination.
Sex determination has been defined by the process that determines
whether the bipotential gonad primordium will develop into a testis or ovary
(Schartl 2004). For the purpose of this discussion, I refer to sex determination
specifically where sex has been “pre” determined/determined before or at the
time of gonad differentiation and not cases where sex changes during the
lifespan of an individual as has been found in some species of fish (Shapiro &
Boulon 1982; Godwin & Thomas 1993). In this regard, phenotypic sex can be
determined either genetically or by the environment. What is understood under
genetic sex determination (GSD) is species that have their gonochoristic sex
determined by (i) specific sex chromosomes (or areas on the sex chromosomes),
(ii) species that have sex specific areas on autosomes or (iii) species that express
epigenetic effects to determine sex. In contrast to GSD, environmental sex
determination (ESD) is also briefly discussed although this phenomenon is
greatly illustrated by reptiles and some amphibians and is considered additional
rather than explanatory.
Secondly,

sex

differentiation involves

the

epigenetic

and

genetic

determination effects that leads to the differentiation of a particular type of
tissue derived from the bipotential primordium. These processes are subject to
the biochemical pathways with specific gene products as a result of sex
determination.
A number of studies have demonstrated the existence of genes that
specifically respond to a particular environmental state by triggering a given
pattern of morphogenetic changes (Pigliucci 1996).

Some species of fish

demonstrate a high level of plasticity in sex‐determining mechanisms which
make them particularly sensitive to environmental pollutants capable of
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mimicking or disrupting sex hormone actions. These EDCs are often present in
the environment. Although plasticity of sex reversal in teleost fish has some
advantages in commercial fish farming (Beardmore et al. 2001), environmentally
induced sex reversal in lower vertebrates can pose a direct threat to proper
functioning of populations and therefore also the conservation status of
ecosystems and its inhabitants, including invertebrates, fish, amphibians,
reptiles, birds and mammals (Uguz et al. 2003). The use of animal models for in
vivo or in vitro modeling (a) shed some light on mechanism of action which these
compounds exert, and (b) monitor the levels of these compounds as they may
appear during certain seasons or upon accumulation after years.
Finally, the importance of environmental interaction on the organizational
level (Guillette et al. 1995) and implications of this interaction in terms of
response biology, makes the field of toxicogenomics such an attractive one.
Toxicogenomics is a fast evolving science which addresses the global gene
expression changes in biological samples exposed to toxic agents (Lee et al. 2005).
Moreover, combining information on sex related genetic markers with actual
phenotypic responses, allows for a historical view on pollution events and the
implication on population dynamics in natural populations. The understanding
of how animals maintain homeostasis in a changing environment, including
subtle interaction between genes and environmental factors, link directly to the
recent evolved toxicogenomics approach.

SEX DETERMINATION
Traditionally sex determining mechanisms in vertebrates include (i) male
heterogamety (XX female/XY male), (ii) female heterogamety (ZZ male/ZW
female), (iii) polygenic determination (where sex is determined in the zygote by
many factors with individually small effects, perhaps also with an arbitrary
environmental effect. Thus the cumulative effect of many factors controls sex),
(iv) ESD (where sex is determined during embryogenesis in response to the local
environment), and (v) arrhentoky (a genetic system in which males arise from
unfertilized eggs, females from fertilized eggs – implicating that determination
of sex can be environmental (based on fertilization) or genetic (based on ploidy)
(Bull 1983; Bull 1985).
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I

Genetic sex determination

Sex chromosomes
Evolution of sex determination mechanisms was considered for the first time by
Darwin

(1871),

and

it

is

generally

accepted

that

sex

chromosome

heteromorphism may have evolved from homomorphic chromosomes with an
autosomal ancestry (Muller 1914; Muller 1918). According to Bull (1983), sex
chromosome differentiation is a process limited to certain types of sex
determining mechanisms: two‐factor systems without environmental influences
(male and female heterogamety, maternal monogeny), and the few multiple‐
factor systems in which YY does not arise. A major influence as to whether sex
chromosomes evolved, and specifically a sex determining area on such
chromosome(s), is whether it is exposed to recombination (or suppression
thereof) in at least all diploid organisms (Charlesworth et al. 2005). It is even
suggested that, on account of asexual decay, the recombining part of the Y
chromosome (in mammals) will become smaller and finally vanish (Vallender &
Lahn 2004).

The sex determining area, because of recombination suppression,

may persist, but finally will be lost and either a new Y chromosome can emerge
from an autosome, or the mode of sex determination may change (Vallender &
Lahn 2004). However with regards to evolution of sex chromosomes, there are
processes that may work against the asexual decay of the sex chromosome, such
as genes associated with spermatogenesis, which can accumulate on the male
chromosome in mammals (Schartl 2004).

Detailed discussions on sex

chromosome evolution and sex determining mechanisms in vertebrates are
addressed in several reviews (Charlesworth 1991; Barton & Charlesworth 1998;
Volff & Schartl 2001; Charlesworth 2002; Koopman & Loffler 2003; Schartl 2004;
Charlesworth 2004; Sakata & Crews 2004; Page et al. 2005) and are considered
complementary to this discussion rather than explanatory.
In vertebrates, genotypic sex determination is built into sex chromosomes
which

individuals

inherit.

Autosomal

chromosomes

include

all

the

chromosomes that are shared by males and females while a single sex
chromosome pair in mammals include a larger X chromosome and a smaller Y
chromosome.

The genetic make‐up of these differs between sexes and sex

determination depends on the combination of these chromosomes. The
genotypic sex is therefore determined at the time of conception (Sherwood,
Klandorf & Yancey, 2005).
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In fish, sex chromosomes have been detected and found in approximately
10% of the species examined to date, to be the major role‐player in sex
determination (Devlin & Nagahama 2002). The Y chromosome in this group of
animals is dominant over the X chromosome in determining maleness, while the
W chromosome is dominant over the Z, X and the Y chromosomes in
determining femaleness. Males with XY and YY chromosome pairs, as well as
WW, WZ, WY and WX combinations in females have been reported in teleosts
(Solari 1994; Uguz et al. 2003).
To determine the presence of particular sex chromosomes in species in
which these are known to exist, the use of genetic markers has been exploited.
Sex specific markers were authentically chromosome specific, but markers
associated with phenotypic sex (regardless whether it appear on the sex
chromosome or not) are being investigated increasingly. The latter has been
reviewed for several fish species by Devlin et al. (2001), and are very effective
tools for studying phenotypic sex disruption in those species which follow a
pure genetic sex determining regime, at least to some stage, during
development. For fish, Devlin and Nagahama (2002), in a well documented
review, discuss sexual differentiation types, including (a) gonochoristic species
which possess ovarian or testicular tissues, and (b) hermaphroditic species that
can initially mature either as males or females. An extreme example mentioned
elsewhere, is that of the cyprinodont Rivulus marmoratus, which is a self‐
fertilizing, simultaneous hermaphrodite (Schartl 2004). Both these differentiation
types are potentially influenced by external factors such as, environment,
behaviour and physiological factors, putatively affecting both somatic and germ
cells (Devlin & Nagahama 2002; Uguz et al. 2003). As for environmental factors
influencing gonochoristic species, the most prominent seem to be the influence
of incubation temperature of the embryos and larvae, and environmental
contaminants mimicking some agents in the signal transduction pathways
related to phenotypic gender and secondary responses in the endocrine system
of these fish. Research concerning most species studied to date, were conducted
in the laboratory, but lately some studies in the field have shown temperature to
influence the direction of sex differentiation (Piferrer et al. 2005; Black et al. 2005).
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Epigenetic
In 1759 Caspar Wolff proposed an alternative theory to what had been believed
until that time for the mechanism of development – that of epigenesis (Wolff
1759). According to this, the adult gradually develops from a rather formless
egg as originally proposed by Aristotle, but as Wolff made careful observations
during chicken development, the early embryo is entirely different from the
adult and development is progressive, with new parts being formed continually.
Epigenetics (“epi‐”= Greek: upon, in addition, over, besides) in the earlier
days referred to the multitude of ways genes give rise to the phenotypes due to
different expression and activation (Waddington 1942).

As the source of

available scientific information increased, it also included relevant forms of
epigenetic information such as the histone code or DNA methylation (Tycko
2000). Today epigenetic states can be divided into three broad categories:
euchromatin, constitutive heterochromatin and facultative heterochromatin
(Arney & Fisher 2004).
Epigenetic effects on living organisms can be extended to include
influences of both the internal and external environments of such an organism
and environmentally induced changes can occur at all levels of biological
organization, from molecular to the organism’s behavior and place in society
(Figure 1).
Epigenetic silencing of genes refers to nonmutational gene inactivation
that can be faithfully propagated from precursor cells to clones of daughter cells.
Several studies to date has confirmed that epigenetic change through DNA
methylation (a process by which methyl groups are added to the base cytosine
residues in CpG dinucleotides in DNA) is generally known to suppress
expression of a gene, whereas less DNA methylation is associated with gene
activation (Ellegren 2000) as is reviewed by Crews and McLachlan (2006),
Esteller (2007) and Tycko (2000).
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Figure 1. Epigenetics being influenced by both the internal (genetics and beyond) and external (individual‐independent) environment.
Adapted from Crews and McLachlan (2006) and Wong et al. (2005).

11

If epigenetic distress occurs during specific stages of development, these changes
are permanent and can be inherited by offspring (McLachlan 2001; Welshons et
al. 2003; Arney & Fisher 2004; Anway et al. 2005; Duman & Newton 2007). The
steroid hormone, 17β‐Estradiol (E2), has been prominently implicated in
hormonal epigenetic effects and has been reported to cause persistent alterations
in gene expression and reprogramming of cell fate – a phenomenon called
epigenetic imprinting (Alworth et al. 2002; Huang et al. 2005) which may provide
a potential mechanism for the concept of genetic assimilation (Waddington
1953).

Proof of imprinted genes maintaining a defined DNA methylation

pattern that is transmitted through the mammalian male or female germline has
been reported (Anway & Skinner 2006; Chang et al. 2006). However, recently,
augmentation of effects of interferon‐stimulated genes by reversal of epigenetic
silencing has been documented by Borden, (2007) proposing a possible
therapeutic application against melanoma.
Important to keep in mind is that, as for transcription, regulation is
maintained mainly through DNA binding proteins that affect RNA polymerase
recruitment or local chromatin structure, but there is also a functional
relationship between gene expression and nuclear organization. The nucleus of
eukaryotic cells have different compartments which include the nucleolus,
nuclear envelope and nuclear pores, each having distinct functions within the
cell. Nuclear pores provide a gateway, enabling the exchange of proteins and
mRNA between the nucleus and the cytoplasm, whereas the nucleolus serves as
the site for ribosomal component assembly and synthesis. Transcriptionally
active genes are most often found at the edge of such territories, and it has been
proposed that the localization enables better access to stable transcriptional
“factories” between territories (Ahmed & Brickner 2007). Recent work has been
reviewed by Ahmed & Brickner (2007) which dictate that certain genes can
undergo dynamic recruitment to the periphery upon transcriptional activation.
Localization to the periphery for such genes has been suggested to improve
mRNA export and favor optimal transcription which is again epigenetic in
principle.
Epigenetic modulation via DNA modulation occurs twice during
development: first, in the lineage‐specific pattern during gastrulation and
secondly, during the germ‐line‐specific pattern in the gonad after sex
determination (Reik et al. 2001).

In mammals, the lineage‐specific pattern
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establishes the DNA methylation for somatic cell development after fertilization
whereas the germ‐line DNA methylation pattern is established during gonadal
development and is sex specific (Anway & Skinner 2006). It is therefore an
obvious consideration when studying endocrine disruption, in particular during
the time of sex determination of vertebrates, and provides some understanding
for the fact that the embryonic period is the most sensitive for chemical and
environmental effects on the epigenetics of the male germ line (Anway et al.
2005; Chang et al. 2006). A remarkable example of such endocrine disruption is
illustrated by Kelce and colleagues (Kelce et al. 1994; Kelce et al. 1997) where a
pregnant rat was transiently exposed to the endocrine disruptor, the fungicide,
vinclozolin which caused spermatogenetic cell defect and subfertility in the F1
generation up to the fourth (F4) generation at which time no further
examinations were performed.
Hormones are known to imprint epigenetically in non‐mammalian
vertebrates of which examples include the African clawed frog (Xenopus laevis)
(Andres et al. 1984; Kloas 2002; Urbatzka et al. 2007) in which EDCs have been
reported to result in epigenetic distress (Anway & Skinner 2006; Chang et al.
2006). Epigenetic memory in the vitellogenin (VTG) gene (vtg) shows that
hormonal treatments early in life alter the response of hormonally regulated
genes to the same or different hormones later in life (Andres et al. 1984; Edinger
et al. 1997).
Further aspects of epigenetics complementary to this discussion can be
found reviewed by Crews and McLachlan (2006) and Jones and Takai (2001).

II

Environmental sex determination (ESD)

In addition to epigenetic effects, exogenous effects overriding the genetic pre‐
determined sex has been studied, mostly with regards to monitor endocrine
disruption, and the mechanism of action of these EDCs in these species or
secondly to determine the effects of temperature sex determination (TSD) in
species where it occur.
Many discussions have seen the light on the selection pressures
underlying the evolution and maintenance of ESD, of which TSD is a specific
subset. A hypothesis by Charnov and Bull (1977) claims that ESD will evolve
when the environment is patchy (e.g. resource distribution, predation) and the
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sexes differ in the relative benefits gained by specific niches – a hypothesis most
consistent with available data whereas some additional hypotheses emphasize
phylogenetic inertia (i.e. no current advantage to TSD) or inbreeding avoidance
(Sakata & Crews 2004). Evolution of TSD illustrates that specific incubation
temperature of eggs produce offspring with traits that are differentially
advantageous to one sex over the other, with consequent selection pressure for
the sex that benefits most from the trait to become more abundant at that specific
environment.(Sakata & Crews 2004).

SEX DIFFERENTIAION
Sex differentiation has been defined by Sakata and Crews (2004) as the process
that sculpts the masculinity and femininity of the individual and is said to be
dependent on gonadal sex steroid exposure perinatally and in adulthood.
The bi‐potential gonad in gonochoristic species is undifferentiated in
males and females until a critical stage when sex determination mechanisms
(genetically driven) dictate development into either a testis or ovary, providing
an opportunity to delineate the molecular pathways that lead to distinctly
different tissues. Even though the components of the machinery that determines
sex seem to be conserved between many vertebrates, their interaction and most
importantly the initial “switch” is not the same, giving origin to this enormous
variety of chromosomal sex determining mechanisms in the animal kingdom,
especially with regards to fish (Charlesworth 1991; Uguz et al. 2003;
Charlesworth 2004).
A paradigm, known as the organization‐activation concept (Arnold &
Breedlove 1985) has been pointed out as the major infrastructure guiding
research into the mechanisms underlying the display of social behaviour (Sakata
& Crews 2004) and in brief posits that organizational effects which occur early in
an individual’s lifetime induce permanent effects, whereas activational effects
usually are transitory actions occurring during adulthood (Guillette et al. 1995).
Therefore, sex differences in gonadal hormone secretion perinatally cause the
differential development of the neuroendocrine system in males and females,
which in turn establishes differences in circulating concentrations of steroid
hormones in adulthood.

These differences in the levels of hormones in

adulthood elicit different behaviour in males and females. Furthermore, sex
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differences in early sex steroid exposure organize neural circuits to react
differently to sex steroid hormone exposure in adulthood (Sakata & Crews 2004).
Genes related to direct differentiation of sex
In general, studies have shown SRY (or SOX, SRY‐related HMG box in non‐
mammalians), GATA‐4, WT1‐KTS and SF‐1 to be sex determining factors in
mammals and some other vertebrates, and dose‐dependant interactions among
these genes are critical to initiation of the cascade of sex differentiation (Parker et
al. 1999; Knower et al. 2003).
With regards to genetic control of sex determination in fish, a hypothesis
has been put forward on the basis of the situation in Medaka (Oryzias latipes),
explaining possible evolutionary mechanisms in the duplication of sex
determining genes and their regulatory regions (Schartl 2004). Moreover, the
genetic factors involved in sex differentiation are becoming more defined. Genes
indicative of some sort of relatedness to determination and differentiation of sex
are being identified and are becoming more abundant for some species. In non‐
mammalian vertebrates, most genes that function downstream of the
mammalian Sry have been found intact and active, providing the blueprint for a
totally functional phenotypic sexual mechanism, regardless the presence or
absence of a sex chromosome.
In fish, a factor influencing determination of sex in tilapia (Oreochromis
sp.), although downstream in the sex determining pathway, is Cytochrome P450
19a (aromatase ovary type, CYP19a). Cyp19 genes encode Cytochrome P450
aromatase (CYP), a heme‐binding protein of the enzyme complex responsible for
the conversion of C19 androgens into C18 estrogens. This enzyme complex
consisting of CYP19 and the flavoprotein NADPH‐cytochrome P450 reductase, is
bound to the membrane of the smooth endoplasmic reticulum of several
steroidogenic cells (Conley AJ & Walters 1999). In teleosts studies to date, two
homologues of cyp19 have been identified. Chang et al. (2005) analysed the
promoter structure of two cyp19 homologues and found binding sites within the
promoter of the ovary form which are related to sex differentiation (Sry; Wt1‐
ktS; Sf‐1/Ad4 BB). These do not occur in the brain homologue of this gene
(discussed below).

The argument currently stands that although genes

resembling SRY have not been identified in lower vertebrates, other than
DMRT1 (denoted DMY in Medaka) (Matsuda et al. 2002), the selective existence
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of diverse sex determination factors in the tilapiine cyp19a (tCyp19a) strongly
implies that this form of cyp19 is a down‐stream target of the sex determining
pathway in tilapia (Chang et al. 2005) due to its ability to regulate estrogen
synthesis. The second cyp19 (cyp19b), expressed predominantly in brain tissue,
has been identified in several teleosts and is indicated to be related to adaptation
of the animal to the environment (Sakai et al. 1988; Tchoudakova & Callard 1998;
Tong & Chung 2003).
In general, it seems that the dimorphic expression of the two known
homologues of cyp19 is regulated by the promoter region and the way it is
spliced (Tong & Chung 2003).

Among teleosts, cyp19a exclusively has Sf‐1

binding to its promoter region whereas cyp19b exclusively has ERE (Kazeto et al.
2001; Tong & Chung 2003; Chang et al. 2005). Along with the high levels of
expression of cyp19b in the brain, these differential binding sites in the promoter
area indicate its main involvement in estrogen‐mediated neural estrogen
synthesis. Moreover, some binding regions were found in the 5’‐flanking region
of cyp19a, which are known male sex‐determining factors in mammals, but the
expression of this gene is completely absent in male tilapia gonads (Chang et al.
2005). Same binding regions were found also for zebrafish and goldfish
(Tchoudakova & Callard 1998; Kazeto et al. 2001; Kishida & Callard 2001; Tong &
Chung 2003). This dichotomous nature of the two transcript‐homologues for
cyp19 appears to be similar among the vertebrates in spite of the evolution of
two distinct cyp19 genes in teleost fish, which suggests that the common nature
of cyp19 genes and their tissue‐specific transcriptional mechanism have been
maintained despite an evolutionary duplication (Kazeto et al. 2001).
In addition to Sf1 being a common transcriptional factor in cyp19a, and
not so in the brain homologue from fish to mammals, Kazeto et al (2001)
illustrates in zebrafish that ethinylestradiol and methyltestosterone (an
aromatizable androgen) modulates the expression of cyp19b, whereas no effect
by these hormones was found on cyp19a transcription. The mechanism of the
transcriptional regulation of cyp19 in the brain by sex steroids appears to be
different between mammals and teleost fishes (Kazeto et al. 2001).
In addition, both cyp19 genes in zebrafish has been found to contain one
or more cAMP responsive element (CRE) in its 5’‐flanking regions (Kazeto et al.
2001; Tong & Chung 2003). In mammals transcription of cyp19 is stimulated by
gonadotropins via the cAMP second messenger (Steinkampf et al. 1987) in
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ovarian granulosa cells. Therefore, the presence of CRE in cyp19 promoter area
of zebrafish, Medaka and Atlantic stingray indicate possible similar regulation
via cAMP such as in mammals. What makes this more interesting is that in
Zebrafish, three of these sites were found in the 5’‐flanking are of cyp19a as
apposed to the one in cyp19b (Kazeto et al. 2001). In Medaka, only the cyp19a is
known to have a CRE in its 5’‐flanking region (Tanaka et al. 1995). No CRE sites
were reported for tilapia (Oreochromis niloticus) by Chang et al (2005).
In flounder (Platichthys flesus) the activators of aryl hydrocarbon
responsive elements (AhR), polycyclic aromatic hydrocarbons, reduced the
activities of steroidogenic enzymes in the ovarian follicles (Rocha Monteiro et al.
2000). AhR was found in the 5’‐flanking regions of Zebrafish cyp19a and b and
propose a potential site for endocrine disruption since aryl hydrocarbons may
regulate aromatase transcription directly (Kazeto et al. 2001; Tong & Chung
2003). As far as start of transcription regulation goes for the two homologues
found in teleosts – one transcription initiation site has been found in the ovarian
form, but multiple sites in the brain‐specific transcript (Tanaka et al. 1995;
Tchoudakova et al. 2001; Kazeto et al. 2001; Tong & Chung 2003).
Trying to find the mechanism of sex determination in these fish, a variety
of hypotheses has been made and tested, one of which the influence by cyp19
genes, and more potentially the regulatory elements thereof. The 5’‐flanking
region of cyp19a has not been found to contain an estrogen responsive element
(ERE), whereas that of cyp19b (brain form) does (Chang et al. 2005), and
therefore, along with the high expression of latter gene in the brain, indicate its
main involvement in estrogen‐mediated neural estrogen synthesis. Moreover,
some binding regions were found in the 5’‐flanking region of Cyp19a, which are
known male sex‐determining factors in mammals, but the expression of this
gene is completely absent in male tilapia gonads. Same binding regions were
found also for zebrafish and goldfish (Callard & Tchoudakova 1997;
Tchoudakova et al. 2001). In conclusion, this may indicate a decisive role in sex
differentiation in these fish species, but not necessarily a mechanism totally
dependent on genetic determination of sex at the time of fertilization.
Another gene family found to be prominent in phenotypic sex of many
non‐mammalian vertebrates is the DM domain genes, of which one homologue
is found on the W chromosome of birds and on autosomes of most fish: Dmrt1
(Doublesex and Mab‐3‐related transcription factor 1) (Raymond et al. 2000). DM‐
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domain genes encode novel zinc finger transcription factors, and in particular,
Dmrt1 is thought to be playing a pivotal role in determining sex for birds and
many fish species. It is referred to by some as the “Sry gene in non‐mammalian
vertebrates” (Schartl 2004).
In tilapia (O. niloticus) the Dmrt1 homologue (tDMRT1) possess a male‐
specific binding motif referred to by the authors as DSX (Guan et al. 2000), which
seems to be testis‐specific.

A homologue of this gene is found only to be

expressed in the ovary (denoted tDMO), and lacked the DSX motif. The absence
of DSX in tDMO suggested a close linkage between Sox and DMRT1 gene
products in sex determination pathways, at least for this tilapiine species.
Furthermore phylogenetic analysis of these two homologues in Nile tilapia
strongly suggested that tDMRT1 is a homologue of the human DMRT1, whereas
tDMO represents a novel gene (Guan et al. 2000). Adding to this, the authors
sequenced the 5’‐flanking regions for these two gene homologues, and a number
of putative motifs are present in both upstream regions. But since a comparison
of these regions shows little nucleotide homology, it has been suggested that
expression of tDMRT1 and tDMO are probably controlled by different
regulatory elements. It is important to note here that when using phenotypic XX
males, only tDMRT1 (and not tDMO) have been found to be expressed in the
testis, indicating that tDMRT1 may not be a Y‐linked gene. Since the expression
thereof restricted to testicular tissue, therefore fails to serve as a genetic sex
specific marker.
Devlin & Nagahama (2002) point out that, along with the expression data
of DMRT1 in trout (Marchand et al. 2000) and Medaka (Brunner et al. 2001), this
gene is expressed in these species in response to testis differentiation and is
therefore located downstream in the sex determination pathway, and thus the
genomic material not being sex linked. There is, however in Medaka (Oryzias
latipes), a DM‐domain gene on the Y chromosome (DMY), and found to be
expressed in male somatic gonadal cells at the time of initial sex determination
(Matsuda et al. 2002). It is noted by some (Lutfalla et al. 2003; Kondo et al. 2003;
Volff et al. 2003) that a homologue of dmrt1 in Medaka (dmrt1bY), originated
during evolution of the genus Oryzias, and it is therefore not surprising that this
gene has not been found to be the main sex determination gene of other fish
species (Kondo et al. 2003).
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Finally, the genes coding for estrogen and androgen receptors are prominent in
the usage of these hormones which are important in the primary differentiation
of sex in all gonadotophic animals. These genes are discussed in the following
section along with the ligands they bind.
Differential expression of all genes discussed above, is regulated by
binding of upstream components to their promoters – often this regulation also
involves binding of some gene products to receptors on or within cells.
Recognition by promoters or receptors is often mistaken for their upstream
components because of the mimicking ability of certain chemicals or unnatural
occurring hormones display – those are called EDCs.
Hormonal basis of sex differentiation
Endocrine control of sex differentiation is a topic well studied in mammals and
to a lesser degree in non‐mammalian vertebrates, including fish. It involves a
complex interplay of gonadotropins and steroids produced by the pituitary or
gonads and brain respectively (Camerino et al. 2006). Steroid hormones directly
affects the germ‐cell development by acting locally in the cells, but may also
influence the organs and other cell types involved in secondary sex
differentiation. This multitude of biochemical, neurological, and physiological
pathways provide necessary plasticity for gonadal development to proceed in
context with intrinsic and environmental factors. The complexity of this system
provides for many levels at which reproduction can be disrupted.
On a histological level, male or female germ lines form together with the
somatic organization of the gonads. Yamamoto (1969) explained that steroid
hormones are the natural inducers of gonadal sex differentiation and sexual
dimorphic traits in fish. Indeed, the genetically prescribed sex can be overridden
with exogenous steroids if applied at the appropriate time (window) and dose
during early development (see discussion on organization‐activation above). The
common theory of steroid action predicts that steroids modulate gene
transcription by interaction with nuclear receptors, acting as ligand dependent
transcription factors (Evans 1988).
Primary role players amongst the steroid hormones include androgens
and estrogens, the latter of which is an aromatized product of the former in a
cytochrome‐catalyzed reaction. Numerous studies have confirmed that steroid
hormones are required for induction and maintenance of gonad differentiation
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(Nakamura & Nagahama 1989; Kwon et al. 2000; Kobayashi et al. 2003), however
a multitude of effects are described to be totally or partially dependant on E2.
Therefore, I briefly mention androgens here and continue to discuss estrogens in
more detail thereafter.
Androgens: Testosterone, the major endogenous androgen, is transformed
in the central nervous system (CNS) by 5α‐reductase to the pure AR‐agonist
dihydrotestosterone (DHT) or by CYP19 to the major estrogen, E2 (Tsai &
OʹMalley 1994; Patchev et al. 2004). Androgens are involved in homeostasis and
maintenance of male reproductive functions, including sexually dimorphic
characteristics in non‐genital tissues, and is recognized for numerous aspects of
the central nervous system function (Mooradian et al. 1987; Patchev et al. 2004).
Androgen receptor: The action of androgens in target cells is mediated by
high affinity intracellular receptors which belong to the steroid‐thyroid hormone
superfamily of ligand‐modulated DNA binding protein that act directly in
altering cellular gene expression. Following ligand induction, androgen receptor
(AR) regulates transcription by binding as a homodimer to specific upstream
DNA sequences in the target genes (Tsai & OʹMalley 1994).

Three major

functional domains have been identified: (a) transcription regulating amino‐
terminal domain, (b) central DNA binding domain and (c) carboxyl‐terminal
hormone binding domain (Rana et al. 1999). Nuclear receptors interact with
distinct DNA sequences in the promoter region of target genes – an action which
is a pre‐requisite for their influence on gene transcription. There are however
some genes specific to the central nervous system whose transcriptional
regulation depends on the exclusive presence of androgen responsive elements.
Patchev et al. (2004) review these and other factors influencing the functioning of
ARs in mammals. In some teleost fish, the AR gene has been sequenced and
found to be coded for by either of two homologues (Park et al. 2007; Harbott et al.
2007). To date no evidence was found to support any departure of mechanism of
action of androgen receptors in fish from those in mammals.
Estrogen: E2 is a steroid hormone classified as both a true endocrine
hormone and neurotransmitter (Falkenstein et al. 2000), from here onwards
referred to as the “dual nature” of estrogen (Figure 2). Apart from the
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reproductive functions of the hormone, E2 is also a factor in maintenance of bone
mass and exhibits cardio‐protective effects (Grumbach 2000; Vasudevan et al.
2002) in mammals. Furthermore, it exhibits effects known to be permanent
organizing effects on the CNS development and general neurotrophic factors in
many different brain regions and life stages (Maclusky & Naftolin 1981;
Tchoudakova et al. 2001).
Production of estrogens is regulated by the hypothalamic‐pituitary axis,
where the hypothalamus secretes gonadotropin‐releasing hormones that further
increase or decrease FSH and LH which in turn regulates estrogen production in
granulosa cells (Murray et al. 1993). More specifically, in fish and mammals,
cholesterol is transformed by a CYP11a catalyzed reaction into pregnenolone to
be catalysed by CYP17 into androgens (Tsuchiya et al. 2005).

Classically,

testosterone produced by the thecal cells then serves as an essential substrate for
cyp19a in granulosa cells, to synthesize E2. E2 can thus be biosynthesized only by
cyp19 and 17β‐hydroxysteroid dehydrogenase (17β‐HSD) from androstenedione
via testosterone or estrone respectively (Figure 2). Metabolites of E2 include
catachol metabolites via hydroxyestradiols produced by either CYP1A1/2,
CYP3A4 or CYP1B1 which can finally be metabolized by catechol O‐
methyltransferases to result in methoxyestradiols which in turn can either be
non‐carcinogenic

and

inhibits

the

proliferation

of

cancer

cells

(2‐

Methoxyestradiol), or alternatively cause cell damage (Estradiol‐3,4‐quinone,
Figure 2) (MacLusky et al. 1987; Tsuchiya et al. 2005).
Under the dual nature of estrogen (Figure 2), its mechanisms of actions
can be classified into two sets: neuro‐endocrine functions which include its
nature of a neuro transmitter or secondly its endocrine hormone functions which
include a variety of actions, mainly by acting as ligand to bind to receptors on or
within cells. As either a neurotransmitter or endocrine hormone, E2 has
illustrated modes of action via a genomic and non‐genomic mechanism.
Firstly, E2 in brain tissue binds to intracellular receptors, which then act as
transcription factors to influence behavior, where changes in aromatase activity
result from slow steroid‐induced modifications of enzyme transcription
(Balthazart et al. 1996; Falkenstein et al. 2000). More recently, rapid (minutes to
hour) non‐genomic mechanisms has been described. Aromatase activity in the
hypothalamus is rapidly down‐regulated in conditions that enhance protein
phosphorylation, and in particular, increases the intracellular calcium
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concentration, such as those triggered by neurotransmitter (e.g., glutamate)
activity (Balthazart et al. 2004; Balthazart et al. 2006). These data support an
emerging concept in neuroendocrinology, namely that estrogen, locally
produced in the brain, regulates male sexual behavior via a combination of
genomic and non‐genomic mechanisms (Haynes et al. 2000; Falkenstein et al.
2000; Cornil et al. 2006; Balthazart & Ball 2006). Rapid and slower changes of
brain aromatase activity match well with these two modes of estrogen action
and provide temporal variations in the estrogen’s bioavailability that can
support the entire range of established effects for this steroid (Balthazart et al.
2006).
Secondly, E2 is traditionally known and described extensively as an
endocrine hormone by which it can affect target cells again in a slow genomic or
rapid non‐genomic manner for which resulting evidence has been reviewed
(Falkenstein et al. 2000; Cornil et al. 2006; Balthazart & Ball 2006; Janosek et al.
2006). In brief, E2 modulates gene transcription by interaction with intracellular
estrogen receptors (ESRs), which act as ligand‐dependent transcription factors
after conformational change which allows the dimerized complex to enter the
nucleus (Mangelsdorf et al. 1995). Here it binds to a 13 basepair palindromic
target DNA sequence known as an ERE within estrogen responsive genes. This
mechanism referred to as “genomic” is slow (hours to days) to produce results
which are indeed more stable and often includes long term effects.
Alternatively, E2 acts via non‐genomic pathways (Figure 2) to produce rapid
(seconds to minutes) responses in non‐neural cell types (Pietras & Szego 1977).
Current research supports several such pathways by which E2 effects cell
metabolism (Cornil et al. 2006). These mechanisms include either that E2
allosterically modulates the activity of ionotropic receptors or G‐protein coupled
receptors (GPCR) or that E2 can bind to membrane‐bound ER (mER) that is
coupled to a G‐protein. Thereby, E2 can modulate the activity of ionic
conductance through phosphorylation of ionotropic receptors or uncoupling of
GPCR from their ionic channels to intracellular effectors. E2 can further mobilize
intracellular Ca2+ through activation of phospholipase C (PLC) (Haynes et al.
2000; Hisamoto & Bender 2005).
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Figure 2
Diagram illustrating production, function and mode of action for 17β‐
Esradiol (E2). The metabolic pathway of E2 includes several cytochrome P450 (CYP)‐
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mediated reactions starting with the primary steroid cholesterol. Estradiol is
biosynthesized by both cyp19 and 17β‐hydroxysteroid dehydrogenase (17β‐HSD) from
androstenedione via testosterone or estrone respectively. Metabolites of E2 include
catachol metabolites via hydroxyestradiols produced by either CYP1A1/2, CYP3A4 or
CYP1B1 which can finally be metabolyzed by catechol O‐methyltransferases to result in
methoxyestradiols which can either be non‐carcinogenic and inhibits the proliferation of
caner cells (2‐Methoxyestradiol), or alternatively cause cell damage (Estradiol‐3,4‐
quinone) E2 act as either the classical endocrine hormone or as neurotransmitter
(Balthazart & Ball, 2006). As a neurotransmitter, E2 can function either along a genomic
pathway where its action results in the transcription of various other proteins that
modify neural activity in the long term and have consequently long‐lasting effects.
Secondly, E2 can function as a neurotransmitter along rapid non‐genomic pathways as
been illustrated in the left lower corner of this illustration. See text for details. In its role
as a true endocrine hormone, E2 again employs either a genomic or non‐genomic
mechanism with the former allowing the ligand to enter the cell, bind to estrogen
receptors in the cytoplasm where conformational change allows the ligand‐receptor
complex to enter the nucleus and binds to ERE sites of DNA resulting in the activation
of transcription of specific genes. (Adapted from Cronil et al., 2006; Tsuchiya et al., 2005
and Balthazart & Ball, 2006)

Specifically in the endothelial cells, assembly of a membrane‐associated
molecular complex is rapid and comprises of an ESR, c‐Src and the regulatory
unit of phosphatidylinositol 3‐kinase (PI3K), p85 in response to E2 (Caulin‐Glaser
et al. 1997; Kim & Bender 2005). This complex triggers some sequential enzyme
activation, involving endothelial nitric oxide synthase (eNOS) (Hisamoto &
Bender 2005).
Finally, Klinge (2001) describes another mode of activation as “tethering”
where ER interacts with yet another type of DNA‐bound transcription factors
such as AP1, SP1, or NF‐ĸB in a way that stabilizes the DNA binding of that
transcription factor and/or recruits co‐activators to the complex. This mechanism
does not bind DNA, though. The implication hereof is demonstrated in a study
where tamoxifen (well‐known anti‐estrogen) could function as an agonist on
promoters where ESR interacted indirectly by pairing to AP1, whereas it
functioned as a pure antagonist when analyzed on ERE‐containing promoters
(McDonnell 2004).
Estrogen receptor: ESRs (Evans 1988) are traditionally known as ligand‐
activated transcription activators or repressors, located in the cytosol and/or
nucleus of cells (Pham et al. 1992; Kim & Bender 2005). In response to ligand
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binding,

ESR

undergoes

conformational

changes,

termed

“activation”,

accompanied by dissociation of some proteins, forming a ligand‐occupied ESR
dimer. ESR is known to be involved in the regulation of expression of a
multitude of specific target genes or gene networks since these gene activation
events require the recruitment of specific co‐activators by ligand‐bound nuclear
receptors, all which are implicated in growth and differentiation of female
reproductive tissues. Transcriptional regulation is therefore ligand dependent
and occurs via binding of the ligand‐receptor complex to specific sequences of
target genes (Beato 1989). This leads to chromatin being remodeled and “opened
up”, Since many coactivators possess histone acetyltransferase activity (Chen et
al. 1997; Vasudevan et al. 2002).
In oviparous species, the hepatic ESR concentration is markedly increased
by E2 as can be expected because the liver is one of the main target organs for
estrogens during the adult life of these egg‐laying females. The question with
regards to target organs for E2 during the developmental stages in these animals
largely still remains unanswered and hybridization techniques could shed some
light on this issue. Flouriot et al. (1996) discuss implications of the steroids which
regulate the receptor concentration, and points out that this autoregulation is
generally mediated by a combination of regulatory mechanisms involving gene
transactivation and the turnover of mRNA and protein.
For most vertebrates in which the coding sequence for ESR has been
sequenced, at least two homologues of are known, denoted ESR1 (Greene et al.
1986) and ESR2 (Kuiper et al. 1996), with ESR1 the subtype that appears to be
required for most of the known estrogenic responses (Couse & Korach 1999),
and ESR2 being specifically involved at differentiation of granulosa cells
(surrounding the ovarian follicle), and the ovulatory response to gonadotropins
(Couse et al. 2005). In addition, several teleosts have been studied in this respect
for which a some were found to have two homologues for ESR2, denoted ESR2a
or ESR2b including alternatively spliced and truncated forms (Haynes et al. 2000;
Hawkins et al. 2000; Menuet et al. 2002; Wang et al. 2005; Greytak & Callard 2007;
Caviola et al. 2007).
Following translocation of the E2–ESR complex to the nucleus, it binds to
a specific 13‐basepair palindromic target DNA sequence within the estrogen
responsive genes (Brown & Sharp 1990; Haynes et al. 2000; Hisamoto & Bender
2005) which is located on the 5’‐flanking region of such genes, and allows three
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ambiguities in the middle of the sequence. In humans, an activated ESR can bind
to half‐palindromic sequences and increase gene transcription, however,
unliganded ESRs can also bind to ERE consensus sequences and activate
transcription, but interaction of the receptor with E2 stabilizes dimer‐initiation
and enhances its interaction with target sequences within estrogen responsive
genes (Brown & Sharp 1990; Kato et al. 1992). The specific domains within ESR
that are required for each of these functions have been described by McDonnell
(1999), and reviewed by McDonnell (2004) and McDonnell and Norris (2002). A
short review by McDonnell and Norris (2002) points out why different cells can
respond to the same hormone in a different manner, which include that (a) two
(in primates, three in teleosts) genetically and functionally distinct estrogen
receptors that have distinct expression patterns in vivo exist, (b) positive and
negative transcriptional activities of these receptors require them to engage
transcription cofactors in target cells, and (c) not all cofactors are functionally
equivalent, nor are they expressed in the same manner in all cells.
ESR1 has been shown to be expressed in a variety of tissues, but
subsequent work on ESR2 has indicated the presence of ESR2 in vascular cells of
mammals, and additionally some more variants of the ESR2 (Greytak & Callard
2007; Takase & Iguchi 2007; Traupe et al. 2007; Caviola et al. 2007; Leanos‐
Castaneda & Van Der Kraak 2007).

ESR1 and ESR2 comprises at least six

domains from the N‐ to C terminus, encoded by 8‐9 exons, of which three are the
major functional domains:

(a) a variable N terminus that modulates

transcription in a gene‐ and cell‐specific manner through its N‐terminal
activation function‐1 (AF1); (b) a central DNA‐binding domain consisting the C
domain, comprised of two functionally distinct zinc fingers through which the
receptor interacts directly with the DNA helix; and (c) the ligand‐binding
domain that contains activation function‐2 (AF2) (Montano et al. 1995).
Klinge (2001) points out that ESR1 binding affinity does not relate linearly
with E2‐induced transcriptional activation, and suggest some reasons for this
phenomenon: cellular amounts of co‐activators and adaptor proteins that play
roles both in ESR binding and transcriptional activation; phosphorylation of ESR
and other proteins involved in transcriptional activation, and thirdly sequence‐
specific and protein‐induced alteration in chromatin architecture.
In conclusion, genes responsive to E2, whether direct via the genomic
pathway or indirect via second messangers are thus potential “reporter” genes
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for increased levels of E2 in aquatic ecosystems. One such gene (vtg) and its
translational product (VTG, protein) has enjoyed much attention over the past 3
decades where estrogenic endocrine disruption is considered as was
demonstrated by Leanos‐Castaneda & Van der Kaak (2007).

SEX DETERMINATION AND DIFFERENTIATION AFFECTED BY EDCs
An EDC has been defined by the International Program for Chemical Safety as
“exogenous substances that alter function(s) of the endocrine system and
consequently cause adverse health effects in an intact organism, its progeny, or
(sub)populations” (Ropero et al. 2006). The endocrine system of both human and
animals is hereby disrupted by EDCs to either (i) mimic endogenous hormones,
(ii) antagonize normal hormones, (iii) alter the natural pattern of hormone
synthesis or metabolism, or (iv) modify hormone receptor levels (Sonnenschein
& Soto 1998). Important to keep in mind is that although in vivo exposure assays
are highly integrated assessments of whole animal responses, they often lack
information about mechanisms of action.
As for modification during gonadal development, many factors are
known to act at the transcriptional level. Park and Jameson (2005) explains that,
based on homology to other transcription factors, some affect DNA
conformation or modulate chromatin remodeling, whereas others form
interactive complexes that activate transcription or have a role in specifying
progenitor cell types.

Little is known about the repression of transcription

factors, which potentially have an equally drastic effect on gene expression.
Studying signaling pathways, the question often arises as to assessing the
components of such pathways, especially working upstream from a reference
process. Andersen et al. (2005) shed some light on this matter, by discussing
“reverse genetic screens”, which involves cell‐based assays constructed with
various cellular endpoints or reporter genes. These indicate activation of a
specific pathway, introducing full‐length cDNA or short inhibitory RNAs
(siRNAs) into cells to provide a gain‐of‐expression or loss‐of‐expression form of
the genetic manipulation, respectively.
Three potential targets of EDCs are discussed by Segner et al. (2006)
which includes sexual differentiation of gonads, the IGF‐I hormone system, and
the immune system. Today it is known that exposure of adult human males to
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E2 during adulthood results in gynecomastia and interferes with the normal
function of the hypothalamus‐hypophyseal‐gonadal axis, resulting in decreased
libido, impotence, decreased blood androgen levels, and lowered sperm counts.
In women, exposure to natural estrogens holds the principal risk factor in the
development of breast and endometrial cancer (Sonnenschein & Soto 1998).
Amongst potential endocrine disrupted systems studied to date, that of
estrogenic, androgenic and thyrodogenic disruption is most prominent. Hereby
the sex differentiating pathways in several species received attention and in
appropriate gonochoristic species serves as a reliable endpoint in screening for
EDCs in aquatic systems. However, some aquatic species are not totally
dependant on genetic sex determination, providing a challenge in this regard.
Therefore, another well studied endpoint in estrogenic endocrine disruption
provides a suitable solution: vitellogenesis (discussed below), and is still being
used to date as a reliable tier I screen (Hiramatsu et al. 2005; Peters et al. 2007;
Leanos‐Castaneda & Van Der Kraak 2007). Other endpoints include zona radiata
(Zr) proteins (Arukwe et al. 1997; Boon et al. 2002; Meucci & Arukwe 2005) and
ESRs (Greytak & Callard 2007; Leanos‐Castaneda & Van Der Kraak 2007).
Estrogens (Segner et al. 2006), as has been described above, follow the
same mechanisms of action as the gonadal hormone E2, but is now known to also
act as a neuro‐endocrine as well as functioning to activate additional
transcription factors outside the nucleus (Figure 2). In spite of this, estrogenic
bioassays have not been developed to monitor these rapid effects of
xenoestrogens (Ropero et al. 2006). Estrogen‐like compounds bind to estrogen
receptors at a cellular level and promote cell proliferation and hypertrophy of
female secondary sex organs and induce the synthesis and secretion of cell type‐
specific proteins (Hertz 1985).
Sex differentiation as estrogenic endpoint: differentiation of primary
phenotypic sex and subsequent reproduction in fish are complex processes of
which much can be genetically pre‐determined but ultimately regulated by
endogenous hormones (Arukwe & Goksoyr 1998) and accompanying proteins
serving, when bound to appropriate ligands, as transcription regulators in these
complex signal transduction pathways.
bipotential

gonad,

gonadal

During sex differentiation of the

development

is

regulated

through

the
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hypothalamus‐pituitary‐gonadal‐hepatic

axis

as

these

organs

altogether

produces substances influencing one another (Arukwe & Goksoyr 1998).
Alligators (Crain & Guillette 1998) and teleost fish (Afonso et al. 2000;
Anway & Skinner 2006; Chang et al. 2006; Vega‐Lopez et al. 2007) has been used
in several studies to report sex differentiation alteration due to of estrogenicity in
aquatic environments. This endpoint of monitoring EDCs has especially
relevance to whole ecosystems, changing population structures detrimentally, as
has been reviewed by Hahlbeck et al. (2004) and Kime (1998).
Vitellogenin as estrogenic endocrine disruption endpoint: VTG is a
term first used to describe a female‐specific protein in a moth (Cecropia) (Pan et
al. 1969; Hiramatsu et al. 2005). The formation of yolk precursor protein, termed
vitellogenesis, has been studied extensively in many egg‐laying animals.

It

became such an important factor in ovarian development of oviparous species,
that ovarian follicle growth if fishes are broadly classified into pre‐vitellogenic
and vitellogenic stages (Hiramatsu et al. 2005) However, the term vitellogenesis
includes also other processes related to oocytes growth. VTG is a large
glucolipophosphoprotein (350‐600 kDa) circulating in blood, usually as
homodimer (Vlaming et al. 1980; Sundararaj & Nath 1981; Sawaguchi et al. 2005).
VTG is primarily synthesized in the liver of fish under the influence of
estrogenic compounds, as the promoter region of animals for which this has
been sequenced, contain several ERE sites. This and other regulatory enhancers
have been even found to both the 5’‐ and 3’‐flanking regions in some species
(Seiler‐Tuyns et al. 1986; Dodson & Shapiro 1994; Teo et al. 1998). VTG is
modified extensively post‐translationally in the liver, secreted into the
bloodstream, and sequestered by the oocytes via specific VTG receptors (Lim et
al. 1991). Here VTG is cleaved into subunits of yolk proteins, lipovitellin I,
phosvitin, and lipovitellin II.
Within the past two decades multiple cDNAs encoding VTG has been
described for species including chicken, Xenopus laevis, with evidence that
multiple proteins may exist in various taxa (Wahli et al. 1979; Felber et al. 1980;
Stifani et al. 1990; Hiramatsu et al. 2002; Sawaguchi et al. 2005). In teleosts, full‐
length cDNA encoding a variety of two to twenty distinct VTGs has been
reported (Mouchel et al. 1997; Reith et al. 2001; Hiramatsu et al. 2002; Sawaguchi
et al. 2005; Davis et al. 2007) and discussed in more detail by Hiramatsu et al
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(2005). Basically three classes of VTG exist, denoted VgA, VgB and VgC. The true
relations of these various vtg genes and proteins are investigated, and
information about splicing of these genes are unavailable.
Kim et al. (2003) illustrated the enhanced and induced effect of E2 on
hepatocyte cultures in male and female tilapia respectively, and thereby
confirmed the strong vtg inducing effect in this species. Administered tamoxifen,
known as a nonsteroidal anti‐estrogen which competitively binds ER (Tsai &
OʹMalley 1994), can reduce hepatic vtg, despite increased circulating estradiol
levels arising from blockage of feedback inhibition of steroid synthesis (Peyon et
al. 1997; Devlin & Nagahama 2002). Interestingly, vtg expression is stimulated
over a wide range of E2 concentrations, much above that needed to induce
maximal levels of ESR gene expression found in two species of Tilapia (Lazier et
al. 1996). This makes sense in the light of vtg expression which occurs in
response to binding of estrogen receptors with estrogen‐responsive elements
associated with regulatory regions of the VTG gene promoter.
Further work by Kim et al. (2003) on O. mossambicus, illustrated an
increased or at least a maintained VTG concentration after females were treated
with testosterone, 17α‐methyltestosterone or 5α‐dihydrotestosterone. The latter
androgen also increased the VTG level on the medium of male hepatocytes
cultures. Co‐treatment of E2 and androgens to the male hepatocytes enhanced
VTG concentration in the medium, suggesting that the androgens have some
roles in VTG synthesis in the hepatocytes. As one can expect, co‐treatment by
Testosterone and an aromatase inhibitor failed to inhibit the effect on VTG
synthesis by testosterone alone, since on a transcriptional level, RT‐PCR resulted
in none of either of the two types cyp19s being expressed. E2 in O. mossambicus
produced a significant and concentration‐related stimulation of VTG release in
both male and female hepatocytes in vitro primary cultures (Riley et al. 2004) or
in vivo by adult males (Davis et al. 2007). In several studies, vtg expression is
observed within the first 8 hours after exposure to estrogenic compounds,
making this one of the most rapid reported impacts to date as an estrogenic
biomarkers in vertebrate species (Lim et al. 1991; Scholz et al. 2004; Gordon et al.
2006).
In a well referenced chapter, Hiramatsu et al. (2005) reviews the various
VTG assay systems developed to date, depending on various types of
immunological methods.
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Estrogenic EDCs: It is noted that exposure to natural estrogens is the
principal risk factor in the development of breast and endometrial cancer
(Sonnenschein & Soto 1998). Several estrogenic bioassays has been described
(Hertz 1985; Sonnenschein & Soto 1998; Larkin et al. 2002; Terasaka et al. 2004)
where E2 (or estrogen‐like compounds) binds to ESRs at a cellular level and
promotes cell proliferation and hypertrophy of female secondary sex organs and
induces the synthesis and secretion of type‐specific cell proteins.
Estrogen‐related abnormalities include: expression of cancer genes and
Hox genes which are induced by perinatal E2 exposure (Iguchi & Watanebe 2003);
nongenital abnormalities induced by perinatal exposure to E2 – evidence from
mice and alligators having polyovular follicles and polynuclear oocytes when
exposed to DES/high dose of Bisphenol A (150 μg/pup) or dicofol/DDT
respectively, as well as humans which show higher rates of infertility and
anatomical structural defects after being exposed to the DES (Iguchi & Watanebe
2003). In fish treated with E2, many abnormalities has been found ranging from
decreased rates of hatching and survival to malformations including eye
extrusion, crooked vertebral column, reduced body weight and head‐body
length (Urushitani et al. 2002). Ultimately some fish respond by a complete
change phenotypic sex, but this may depend greatly on the kind of mechanism
the particular species use for determining/differentiating sex, and is not a rule
throughout all taxa.
In estrogen related cancers, much attention is therefore directed at
aromatase inhibitors (Janicke 2004). Aromatase inhibitors can be separated into
two classes based on their mechanisms of action, denoted (a) steroidal substrate
analogs, which inhibit the enzyme activity by competing for the active site of the
enzyme, or (b) non‐steroidal inhibitors which interact with the heme prosthetic
group of aromatase (Brodie et al. 1977; Salhanick 1982). Studies on the activity of
aromatase, whichever form thereof, is therefore to be dealt with carefully in
terms of negative controls when investigating up‐regulation of these genes, as
steroidal analogs and non‐steroidal inhibitors may have different effects upon
induction by steroids.
According to Lazier et al. (1996) the action of methyl‐testosterone at the
level of hypothalamic‐pituitary, it mimics E2 negative feedback or has direct
negative feedback effects through AR binding. Kim et al. (2003) confirmed the
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binding of androgens to ESR and, consequently, to exert an estrogenic action
such as the synthesis of VTG, the precursor protein of egg yolk in oviparous
animals, which is partly under the control of E2. They found the stimulatory
effect of androgens on VTG production levels to be more effective in female and
E2 treated male hepatocytes than in control male hepatocytes, and attribute this
difference to high ESR expression levels which were found in livers of E2 treated
males rather that that of untreated male fish, finally suggesting that probably a
certain threshold level of ESR in the liver is necessary for multiplying androgen
action. The effects of cyp19 expression is mentioned by some (Trant et al. 1997;
Di Fiore et al. 1998; Kim et al. 2003; Greytak et al. 2005) as to have an effect
resulting in this behaviour of vtg expression in response to androgens in the liver
of male and female teleosts. Some matters regarding the post transcriptional
regulation and modulation of vtg is however unresolved for several teleosts,
including O. mossambicus.
As androgens are reported to also induce VTG production in cultured
hepatocytes of some fish (Peyon et al. 1997; Mori et al. 1998), this effect is blocked
with tamoxifen, indicating that stimulation is occurring through the ESR. Peyon
et al. (1997) demonstrates that in eels in vivo effects of androgens included that
VTG synthesis was not affected by these steroids. In contrast, in a tilapia,
treatments with 17α‐methyltestosterone dramatically reduced VTG protein and
hepatic VTG mRNA levels. In females androgen treatment also lowered serum
E2 levels, suggesting these effects to be occurring by feedback of steroids at the
hypothalamic or hypophyseal levels (Lazier et al. 1996).
Matters on Monitoring EDCs: Modeling EDCs in a dose‐response
manner is of integral importance when a system is developed for toxicological
testing. It is pointed out by Andersen et al. (2005) that genome‐wide functional
screens, bioinformatics tools, and network mapping technologies together can
provide directed graph representations of the cellular signaling networks.
Furthermore,

during

development

of

such

a

system,

the

graphical

representations can be converted into mathematical models that permit
predicting the shapes of dose‐response curves for altered cell signaling by test
compounds.

However, predicting the shapes of these dose‐response curves

provide another challenge, that of organizing the qualitative information
quantitatively in order to provide a full risk assessment process. Qualitative
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studies provide information about the hazard, mode‐of‐action, progression and
finally, susceptibility between the test compound and the biological system used
whereas quantitative measurements are often necessary for management of
water bodies, especially where threshold considerations are implicated
(Funkenstein et al. 2004; Bustin et al. 2005; Kubista et al. 2006).
It is imperative to study these pathways/processes at both transcription
and translational level. The first level of expression (mRNA) shows that genes
have been turned on (or off) and to what degree induction has occurred. The
second level (proteins) indicates a functional response in the organism (Shrader
et al. 2003). In eukaryotes, mRNA expression has a relatively low correlation
with protein abundance. In addition, Park and Jameson (2005) point out that the
functional interaction between extra cellular ligand molecules and nuclear
transcription factors also merits emphasis. For example, extracellular signals can
induce transcription factor release and translocation of the nucleus. Increasing
lines of evidence suggest that cross talk among intracellular signaling pathways
mediate downstream transcriptional response by which they argue the
importance to identify the extracellular ligands, membrane receptors, and signal
transduction pathways associated with gonadal development, as well as the
transcription factors.
An integral concept to apply in all molecular studies today, is the
relationship between DNA sequence information and nonlinear cellular
responses. However, quantitative transcriptional analyses are not necessarily
coinciding relative translational levels of product, and expression data may not
provide sufficient information to fully predict dynamic biological response
(Hatzimanikatis & Lee 1999). It is therefore imperative to study multiple levels
of control including transcript and translated product because each have unique,
non‐overlapping attributions to add to a study which might be overlooked in
assessing the mechanisms of actions in EDC studies.
It is a challenging approach to apply expression profiling to
ecotoxicological studies where it is applied to organisms without sequenced
genomes or poorly defined genetically. These organisms are not as established as
classical models are, but they may still have high ecotoxicological relevance and
are worthy of investigation, as is the subject of this study – Oreochromis
mossambicus. The degree to which such investigation should occur is arguable
however. The scarcity of evidence linking impacts of environmental
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contaminants to changes in reproductive success of indigenous fish populations
may reflect a critical need for a dependable method or indicator to assess
reproduction of fish in situ (Mills & Chichester 2005). Iguchi and Watanabe
(2003) underlined the importance of understanding the molecular basis of
hormonal actions, especially the effects of hormonally active chemicals on
developing organisms.

More so should one understand the interaction of

exposure levels and gene responses to xenobiotic chemicals.
Finally, from the abundant reports on possible biomonitoring species
across the world, and the variety of lessons I learn from them, I argue strongly a
range of model species should be included for monitoring endocrine disruption
which should incorporate both invertebrates and vertebrates.

Even more

important is to understand their biology before engaging any such species in a
bio‐monitoring programme.
Toxicogenomics: Toxicogenomics is a term recently developed to
describe a field of study in toxicology and pharmacology (Iguchi et al. 2007).
Since the 1970s toxicological studies have increased exponentially primarily
including behaviour and protein investigations. As molecular knowledge and
techniques evolved, more attention was drawn to applying genomic basis to the
study of toxins (especially EDCs) and pharmaceuticals.

Therefore the term

“toxicogenomics” attempts to define how the regulation and expression of genes
are mediated by the toxicological effects associated with exposure to a particular
chemical or chemical mixture (Neumann & Galvez 2002; Schmidt 2003; Sarrif et
al. 2005). Gene expression changes may provide more sensitive, immediate and
comprehensive markers for toxicity compared to typical toxicological endpoint
studies, including morphological changes, carcinogenicity, and reproductive
toxicity (Marchant 2002; Lee et al. 2005). Global gene expression changes in bio‐
indicator species exposed to toxicants can include genomic scale mRNA
expression

(transcriptomics),

cell

and

tissue‐wide

protein

expression

(proteomics), metabolite profiling (metabolomics) and bioinformatics as well as
epidemiological

population

studies

linking

genetic

risk

factors

with

environmental factors (Lee et al. 2005). Defining the process of transcription and
its regulation by proteins (i.e. transcription factors) has however became a
challenge and therefore transcriptomic studies can be confusing if clear
distinctions are not determined at the onset of such a study.
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One of the first factors which affected the development of this branch of
toxicology was the possibility of sequencing the genome or parts thereof. A
further major technical success was the invention of the microarray without
which it took days to analyze a single gene. The chip technology now allows for
analysis of expression data of thousands of genes at one time. Quantitative real‐
time PCR (QPCR) is taking this analysis even a step further, enabling the
researcher to measure the level of specific gene expression at a high resolution.
DNA microarrays are typically used to analyze patterns of gene
expression, presence of markers, or nucleotide sequence. The major advantage of
microarrays is the extent to which the process of genotyping can be automated,
thereby enabling large numbers of individuals to be simultaneously genotyped
at many loci. DNA chips can be categorized into two general types:
oligonucleotide arrays and PCR‐amplicon arrays, with the former having the
ability to discriminate between closely related gene sequences because of the
greater specificity for target sequences (Inoue & Pennie 2003). Whereas amplicon
arrays are relatively cost effective to generate (Gant & Zhang 2005; Iguchi et al.
2006; Iguchi et al. 2007), they require that PCR‐amplified DNA products be
obtained from tissues or cloned libraries and subsequently spotted onto an
array.
As for microarrays, the ultimate approach would be for a particular
species, to have a chip of the complete set of genes in order to identify which
genes are up‐ or down‐regulated by a particular response to toxicant stress.
Unfortunately, there are very few species of which the whole genome is
completely sequenced and the genes of that species have been characterized.
According to the NCBI database (http://www.ncbi.nlm.nih.gov/), there are only
132 whole genome sequences available to date, of which 104 belong to
prokaryotes (79 %).
Gene expression profiling implementing micro chips therefore has the
potential to provide a fast, cheap initial screen of potential toxicants, provided
the development for the specific set of genes is known for a particular species.
Otherwise procedures incorporating individual proteins may serve as a cheaper
option, but will provide answers at a post translation level as apposed to the
transcription level of DNA chips and QPCR. Oberemm et al. (2005) suggested
that molecular fingerprinting could be used, in vivo and in vitro, to categorize
chemicals and mixtures of chemicals into different mode of action groups. A
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question also asked by critics and needed to be kept in mind, is at what stage can
one apply gene expression data to translate adverse effects on population level
in the ecological framework. A better understanding of genomic expression for
particular gene products will certainly enable a greater insight into the factors
behind the observed variability in susceptibility to chemical exposures seen in
populations (Oberemm et al. 2005).
According to Sariff et al. (2005), toxicogenomics has entered a period of
reflection and validating whether the particular techniques are applicable or not,
and whether they reflect the real picture of what happens in the ecosystems. As
has been discussed before, the first level of expression (mRNA) can indicate that
genes have been turned on, whereas the second level (proteins) may indicate a
functional response in the organism (Shrader et al. 2003). In a mini‐review by
Park and Jameson (2005), the issue of including transcripts and protein analyses
is discussed explaining the various roles of genes and ligands influencing
gonadal development. According to them, many of the gonadal development
factors described to date are known to act at the transcriptional level, and for the
most part, their functions are incompletely understood. Transcription factors
may either form interactive complexes that activate transcription or have a role
in specifying progenitor cell types, or can affect DNA conformation or modulate
chromatin re‐modeling.

Moreover, inhibition of gene expression is equally

likely to be important as a means to dictate cell fate, but less is known about
potential transcriptional repressors (Park & Jameson 2005).
The first customized DNA microarray for EDC related work has been
developed

and applied to study the expression profiling of the estrogen‐

responsive genes to evaluate estrogenic activity among natural estrogens (e.g.
E2) and industrial chemicals (Inoue et al. 2002; Terasaka et al. 2004). Terasaka et
al. (2004) performed a comprehensive analysis of estrogen‐responsive genes
among approximately 20 000 human genes, selected 172 of these genes for a
microarray chip, and examined estrogen activity among a variety of natural
estrogens, industrial chemicals and dioxin. Vezina et al. (2004) assessed the effect
of sub‐chronic exposure of toxic levels of some halogenated aromatic
hydrocarbons (HAHs) on hepatic gene expression in mice. A set of 8799 gene
probes were compared on the microchip, with many genes being co‐expressed
during the exposure period, some of which were known AhR‐regulated genes,
and some not previously characterized as being AhR regulated. Hereafter, the
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authors applied QPCR to confirm the increased expression of the “new” genes in
exposed rats, as well as the up‐ and down‐ regulation of several novel dioxin‐
responsive genes, demonstrating the value of toxicogenomic work.
It is anticipated that toxicogenomics will greatly improve the sensitivity,
accuracy, and speed of toxicological investigations and it is argued by some
(Hamadeh et al. 2002; Steiner et al. 2004) that a transcriptome‐wide overview of
altered expression patterns can assist the mechanistic understanding of
underlying changes induced by chemicals, but requires a comprehensive
knowledge of the biological system under investigation and only known genes
should be considered for such an analysis. Different classes of toxicants have
been discriminated using transcript profiling (Steiner et al. 2004). Steiner et al.
(2004) aimed to determine if biological samples from rats treated with various
compounds can be classified based on gene expression profiles, providing a
solid study to demonstrate gene expression analysis using microarrays, a
complete serum chemistry profile and liver and kidney histopathology. Steiner
et al. (2004) derived predictive models which were able to discriminate between
hepatotoxic and non‐hepatotoxic compounds, and also predicted the correct
class of hepatotoxicant in most cases, illustrating the use of this newly evolved
branch discipline in toxicological studies. What is still important to be kept in
mind, is that same as with quantitative structure‐activity relationship methods
(Tong et al. 2004), it is impossible to predict the activity of an unknown chemical.
Therefore, once obtaining the data from microarrays, further biological
validation and additional analyses through proteomics and QPCR are
warranted, provided appropriate housekeeping standards are applied. Typical
housekeeping genes are involved in basic cellular functions and assumed to
express invariably under all conditions tested for during any toxicogenomic
study (Arukwe 2006). As toxicological application of QPCR can deem this a
misconception, care should be taken when choosing a housekeeping gene for a
species and specific experiment.
An application of toxicogenomics in combination with bioinformatics is a
technique called Quantitative structure‐activity relationship (QSAR), yet not
much exploited, but having real potential, setting the stage for initial screening
of EDCs. See Tong et al. (2004) for a demonstration where QSAR is applied,
testing models for prediction of estrogen receptor binding activity.

They

assessed objectively and quantitatively the applicability domains of the models
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by computing prediction confidence and domain extrapolation for predicting
unknown chemicals with an extensive cross‐validation. The authors note that
QSAR models could be important in prioritizing chemicals for testing based on
likelihood of activity, and finally propose a particular model most suitable for
aiding in prioritizing chemicals for testing as possible EDCs.
When studying toxicogenomics, one unravels most often signaling
pathways which provide clues for various other pathways (Terasaka et al. 2004),
sometimes even pointing to a whole new pathway not yet known. However one
of the greatest challenges in the wildlife environment linking expression
profiling to eco‐toxicological studies, is working with organisms without
sequenced genomes and that are generally poorly defined genetically.
To conclude, toxicogenomics is a fairly new, fast evolving field of research
(Inoue & Pennie 2003; Adler 2003; Sarrif et al. 2005) by which trusted, but
relatively new techniques, in molecular biology are applied to give either
information of mechanisms of action or endpoint result. Ultimately the success
of a toxicogenomics approach will depend on our ability to interpret the data in
relation to existing information (screening of a pollutant induced gene
expression fingerprint against a database containing chemical‐related gene
expression toxicity profiles) (Frueh et al. 2004; Sarrif et al. 2005; Iguchi et al. 2007).
Still one of the greatest challenges in the wildlife environment linking expression
profiling to eco‐toxicological studies, is working with organisms without
sequenced genomes and that are generally poorly defined genetically.

CONCLUSION
“Historically, much of our understanding of transcription has been derived from
piece‐meal biochemical and genetic approaches, usually focusing on the
mechanism of action of a singular transcription factor or regulation of a singular
locus. However, the advent of the so‐called “post genomic” era together with the
attendant rise in array technology has changed this perspective. Genome
sequence derivation and annotation provide the potential to identify regulatory
sites in silico, a task aided by the rise of comparative genomics whilst DNA
microarrays offer a platform to interrogate thousands, if not millions of
interactions in parallel.

This has changed the landscape in which we view

transcriptional control” (Buckley 2007).
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The paragraph above is of course written on account of research done in
specifically human biology – much of which has provided a platform in
understanding the total biology which can now be applied to perform future
studies as well as understand and treat diseases. However, this is not the state
that research in all organisms has been progressed to. It very well provides for
faster or more pin pointed tests in other groups of animals and plants. But if we
need to make inferences on environmental effects for human or any other
organisms in the ecosystem under influence of such environment, we need to be
sure of processes in such a modeling species.
Although it has been argued that aquatic species provide excellent
biomonitors for endocrine disruption, the matter is further complicated by the
vast array of mechanisms these species adopted throughout the years of
evolution – including amongst others, mechanisms of sex differentiation as has
been described.
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Chapter 2

Characterization of vitellogenin gene
expression in Oreochromis mossambicus
during development and the establishment of
an estrogen‐dependent gene expression assay #
ABSTRACT
Oreochromis mossambicus is a tilapiine species indigenous to Southern Africa and
represents a potential animal model for the development of an endocrine
disruptor screening assay based upon the widely used estrogen‐responsive
vitellogenin (vtg) biomarker gene. However, little is known about vtg mRNA
expression during normal development in O. mossambicus. A 3kb upstream
promoter region of the vtg gene was isolated and putative binding sites
identified for several regulatory factors including estrogen receptor (ESR), the
sex‐determining protein, SRY, and vitellogenin binding protein. Evidence for the
expression of several splice‐site vtg mRNA variants was found in a number of
tissue types. A quantitative real time polymerase chain reaction (QPCR) assay
was developed based upon a specific primer pair (OMV6/9) that selectively
amplified the liver‐enriched transcript. The level of this transcript in liver tissue
was high in females and lower, but detectable, in males and was significantly
increased in male fish exposed to 17β‐estradiol (E2). Juvenile whole‐body
homogenates (WBH) were found to contained extremely low levels of liver‐
specific vtg mRNA between 5 and 110 days post fertilization (dpf) compared to
adult male liver and that exposure of 20 dpf juveniles to E2 and diethylstilbestrol
showed a substantial increase in this transcript within hours. These data reiterate
the importance of selecting appropriate vtg‐specific primers for determining
exposure to estrogenic chemicals and establish that the combination of QPCR
using the OMV6/9 primer pair with juvenile fish WBH is a feasible alternative to
the standard use of adult male livers as indicators of endocrine disruption.
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INTRODUCTION
Evidence presented over the last century has led to the formulation of the
endocrine disruption hypothesis, stating that anthropogenic and natural
chemical substances in the aquatic environment have the potential to disrupt the
normal functions of the endocrine system and its hormones in wildlife and
humans (Guillette, Jr. et al. 1995; Krimsky 2000). These chemical compounds
mimic, antagonize or modulate the normal actions of hormones or affect
hormonal synthesis or degradation pathways and are generally referred to as
endocrine disrupting chemicals (EDCs). However, because environmental EDCs
are mostly found as part of complex mixtures, understanding the context in
which EDCs operate remains problematic and sensitive biological screening
platforms are required that are amenable to high throughput methodologies.
Tier I screening applications favor aquatic systems, due to the water borne
nature of many chemical pollutants and their accumulation in sediment and
groundwater (Jobling & Tyler 2003). Various aquatic species have been studied
and currently serve as sentinels for low concentration chemical exposure with
endocrine modulation activity (Bruton & Boltt 1975; Nagahama 1990; Helbing et
al. 1992; Nagahama 1994; Kloas 2002; Noaksson et al. 2003; Hahlbeck et al. 2004;
Sharpe et al. 2004; Zhong et al. 2005; Piferrer et al. 2005; Kuhl et al. 2005; Tao et al.
2006; Zhang et al. 2006; Filby et al. 2007; Cheshenko et al. 2008) .
Initially, most research on endocrine disruption in fish was related to the
actions of environmental estrogens: EDCs that elicit an estrogenic response
similar to the actions of the natural female hormone 17β‐estradiol (E2) (Segner et
al. 2006). Assay development included measurement of changes in expression of
estrogen‐regulated gene products. Synthesis of one such product, vitellogenin
(the egg yolk precursor phospholipoglycoprotein; VTG), is generally associated
with oviparous reproduction and forms the basis of many estrogenic screening
programs in aquatic systems (Sumpter & Jobling 1995; Hiramatsu et al. 2005;
Porte et al. 2006). The vtg is expressed in the liver where it is extensively
modified post‐translationally, secreted into the bloodstream, and sequestered by
the oocytes via specific vitellogenin receptors in coated pits (endocytosis) (Lim et
al. 1991). Kim et al (2003) illustrated the enhanced and induced effect of E2 on
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hepatocyte cultures in male and female tilapia, Oreochromis mossambicus,
respectively, and thereby confirm the strong VTG inducing effect by this
hormone in this species ex vivo (Kim et al. 2003) and in vivo (Takemura & Kim
2001). While egg‐producing females normally produce high levels of VTG, males
do not produce significant amounts. However, vtg expression in males is
inducible following exposure to estrogenic substances and represents a useful
biological screening platform for estrogen‐related EDCs (Vaillant et al. 1988;
Miracle et al. 2006). Although immunological methods to quantify circulating
VTG levels in either juvenile WBH or adult plasma samples are currently used,
the detection and quantification of vtg mRNA transcripts using a quantitative
real‐time RT‐PCR (QPCR) assay is an additional highly sensitive tool to assess
temporal variation in expression of vtg genes as well as show early signs of
estrogenic EDC activity.
The tilapiine species, Oreochromis mossambicus, (Mozambique Tilapia), is
native to Southern Africa and extensively used in aquaculture (Trewavas 1983).
Many aspects of the life history and ecology of this mouthbrooding species have
been described (Neil 1966; Popma & Masser 1999), but what remains unclear, are
many aspects related to the development and reproductive biology of this
species; particularly with respect to molecular mechanisms (Majumdar &
McAndrew 1986; Wright J.M. 1989; Wohlfarth & Wedekind 1991; Nussey et al.
1995; Tsai & Wang 1997; Wang & Tsai 2000; Vijayan et al. 2001; Schmid et al.
2003). Because of the potential for a sex non‐differentiated period and the
contribution of environmental sex determination of O. mossambicus, juvenile fish
may serve as a powerful alternative to adult males in the context of an EDC
assay. In addition, reduced assay duration may benefit from increased ease of
husbandry and no separation of test populations by sex.
In order for juvenile tilapia to serve as a good animal model in an EDC
assay, it is important to establish the expression pattern of vtg mRNA during
normal development and determine early developmental stages at which vtg
expression is suitably low. Then an investigation of E2‐responsive nature of vtg
can be performed. The aim of this study was to clone the vtg gene promoter
region and related partial cDNA from O. mossambicus in order to develop a
quantitative PCR (QPCR) protocol that effectively measures the expression
levels of vtg transcript (a) in different adult tissue types, (b) during early
development and (c) following estrogen‐dependent induction in both adult

56

males and juveniles. Our results confirmed tissue‐restricted expression of the
normally spliced vtg transcript in the liver of both males and females; whereas
alternatively spliced transcripts were observed in all other tissue types
examined. Adult female liver expressed significantly more vtg transcript than
males. In silico analysis of the vtg promoter region indicated the presence of
several potential estrogen responsive elements (ERE) under stringent multilevel
consensus sequence testing. Induction studies confirmed that vtg mRNA
abundance increased in O. mossambicus adult male hepatic tissue following
exposure to E2. Juvenile WBH displayed much lower levels of liver‐specific vtg
transcript which increased significantly upon E2 exposure confirming the great
potential of juvenile tilapia as an effective bio‐indicator of aquatic estrogen‐
based screening in Southern Africa.
MATERIALS AND METHODS
Experimental Animals
Adult breeding stock of Oreochromis mossambicus were obtained from Aquastel
(South Africa) and maintained in aquaria with water under constant aeration
and filtered through activated charcoal. Water temperature was maintained at 27
°C (±1 °C). Fish were fed once daily with Tilapia pellets (AquaNutro, South
Africa). The light regime followed a 14:10 light:dark cycle. Offspring production
was monitored daily in this mouthbrooding species. Females carrying eggs in
their mouths were removed from the breeding aquaria to culturing tanks. Each
brooding female was kept alone until the offspring reached the swim‐up fry
stage, at which time the adult females were removed and re‐introduced into the
breeding tank. Each batch of offspring was reared separately in the same water
conditions as for breeding stock. Animals at the appropriate developmental
stage (determined by age in 5 day intervals after fertilization) were collected,
euthanized using 0.01 % Benzocaine (Heynes Mathew, Ltd., South Africa) and
preserved in RNAlater (Ambion Inc., USA) at 4°C. At least three different
breeding pairs were used to generate offspring that were sampled at each
developmental stage. For the adult tissue scan for determination of vtg mRNA
expression, at least five males and five females were dissected and the total RNA
prepared as outlined below.
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Genomic DNA isolation
Tilapia finclips of about 25 mm2 were homogenized in 700 μl extraction buffer
(50 mM Tris, pH 8; 0.7 M NaCl; 10 mM EDTA; 1 % CTAB; 0.1 % β‐
mercaptoethanol) and genomic DNA was isolated using a CTAB‐method
according to DʹAmato et al. (2007).
Total RNA isolation and cDNA preparation
Anesthized fish were decapitated, dissected and appropriate tissues/whole
bodies were homogenized in TRIzol reagent (Invitrogen, USA) for 5 seconds,
working on ice. Total RNA was prepared from specific adult tissues or from
WBH of juveniles using TRIzol reagent (Invitrogen, USA) according to the
manufacturer’s instructions. Following resuspension of total RNA in diethyl
pyrocarbonate (DEPC)‐treated water (50 μl), samples were treated with 1 unit of
DNase I (Promega, USA) for 30 min at 37°C and precipitated at ‐20°C following
the addition of 0.1 volumes of 3 M sodium acetate pH 5.6 and 2.5 volumes of
95% ethanol. The RNA pellets were washed with 70% ethanol and redissolved in
30

to

60

μl

of

DEPC‐treated

water.

RNA

yields

were

quantified

spectrophotometrically at Absorbance260nm and stored at ‐70°C. First strand
cDNA was prepared from 2 μg of total RNA using oligo d(T)15 primers and
SuperScript III RNase H‐ MMLV reverse transcriptase (Invitrogen, USA) as
described by the manufacturer. Each cDNA sample was diluted 40‐fold and
stored at ‐20°C prior to gene expression analysis or used as template for vtg
cDNA isolation as described below.
Isolation of O. mossambicus vitellogenin cDNA and partial gene sequences
To obtain partial O. mossambicus vtg sequence, PCR was performed using
template cDNA derived from O. mossambicus liver tissue dissected from three
adult females and primers designed against the related O. aureus vtg sequence
(GenBank accession no. AF072686). Each 25 μl reaction included 1.5 mM MgCl2,
0.05 mM of each dNTP, 1 μM of each primer (VTGforw/VTGrev, Table 1) and 2.5
Units of in‐house Taq polymerase. In each reaction, 50 ng nucleic acid was
added. The PCR thermocycle included an initial denaturation for 2 min at 94°C,
after which followed 30 cycles of 1 min at 94°C, 30 sec at 65°C and 30 sec at 72°C,
with a final elongation step of 5 min at 72°C. The same conditions were repeated
when using primer pairs OMV1/2 OMV4/10 and OMV6/9 with the adaptation of
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annealing temperatures which to 54 °C, 54 °C and 56 °C for the respective primer
pairs. PCR products were visualized by agarose gel electrophoresis and
ethidium bromide staining. Amplified DNA fragments of interest were cloned
into pGEM‐T Easy vector (Promega, USA) and transformed into E. coli DH5α.
Plasmid DNA was isolated from positive clones detected by colony PCR
(Gussow & Clackson 1989) and insert DNA was sequenced using SP6 and T7
primers. The resulting O. mossambicus vtg sequence information was deposited
in GenBank (accession no. AJ889835). I performed sequence analysis of the DNA
and derived amino acid sequences using ClustalW software according to
Chenna et al. (2003). Graphic illustrations were prepared with software available
in Bioedit Sequence Alignment Editor v7 (Hall 1999).
The resulting O. mossambicus vtg cDNA sequence information was used to
design a new species‐specific primer pair (iVTG1a and iVTG2a, Table 1) for use
in inverse PCR (iPCR) to isolate an upstream vtg promoter region from genomic
DNA (Ochman et al. 1988). Three micrograms of genomic DNA were digested in
individual reactions with EcoRI, EcoRV, BamHI, XbaI restriction enzymes
(Promega Corporation, Madison, USA) overnight. Digested DNA (1 μg) was
resuspended in a ligation mix containing 9U T4 DNA ligase, 40 μl ligase buffer
(Promega Corporation, Madison, USA) to a final volume of 400 μl at 4 °C for 12
hours. Circularized DNA was phenol/chloroform (1:1) extracted, precipitated
and resuspended in 40 μl distilled water. Digestion and re‐ligation of genomic
DNA were visualized in ethidium bromide‐stained 0.8 % (w/v) agarose gels.
Inverse PCR reactions were performed with 150 ng re‐ligated genomic DNA in a
final volume of 50 μl containing 1 μl Elongase enzyme mix (Invitrogen, USA), 10
μl total volume of Buffer A and B, 0.2 mM of each dNTP and 0.2 mM of each
primer. PCR samples were denatured at 94 °C for 30 sec followed by 35 cycles of
amplification (94 °C denaturation, 1 min; 50 °C annealing, 1 min; 68 °C
polymerization, 5 min).
All iPCR reactions were carried out using a Perkin‐Elmer GeneAmp
Thermocycler 9700. The 5’‐flanking region of the VTG gene was cloned into
pGEM‐T Easy vector (Promega Corporation, Madison, USA) and sequenced in
both directions (ABI PRISM 3100 genetic analyser) using the ready reaction kit
with AmpliTaq DNA polymerase (The Perkin Elmer Corporation, Norwalk,
USA). Two clones were isolated which displayed 100 % overlap within the 5’
flanking area of the O. mossambicus vtg gene. These initial sequence results
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provided information for the design of additional primers, iVTG1d/2d (Table 1)
at the 5’ and 3’ ends of the putative promoter region which were used in the
amplification and generation of a third vtg promoter‐associated clone.

Table 1. Primers used in the isolation QPCR of O. mossambicus vtg cDNA
Application

Gene

Primer Name

Primer sequence

Cloning

Vitellogenin

VTG fwd

TCGAGCTGGGGTTAAAATC

Cloning

VTG rev

TGGCAGTGGTTCAGGTC

Cloning

iVTG1a

CATGGAAGGCACTGCCAAGC

Cloning

iVTG2a

GACCTGAACCACTGCCA

Cloning

iVTG1d

AAAAGTCAATAAGCCAACAC

Cloning

iVTG2d

AGGTGCTCTTGGTCATGG

Cloning/ QPCR

OMV4

TAACTACATCATGAAGCCAGCACCC

Cloning/ QPCR

OMV6

GTTGGAGTGAGGACTGAGGG

Cloning/ QPCR

OMV9

GGTCCACTGGCAAACTGGATAAGC

Cloning/ QPCR

OMV10

AGTGCTGACAATCTGAGCCTCGGC

OMBA1

TGTGATGGTGGGTATGGG

OMBA2

CTGTGGTGGTGAAGGAGTAG

PAC L8 up

AGAGCCCATGTAAAGCAC

PAC L8 dn

CCTGTAAGGGTCACGGAA

OMV1

TTGTAGACCCTCAGTTGCT

OMV2

CCTCCCTAATGACATAGTTG

QPCR

β-actin

QPCR
QPCR

Ribosomal
protein L8

QPCR
QPCR
QPCR

Vitellogenin
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Bioinformatic analysis of the vtg promoter region
The O. mossambicus vtg promoter sequence (3019 bp including ATG start codon)
was analyzed using promoter prediction database software (Neural Network
Promoter Prediction, http://www.fruitfly.org/seqtools/promoter.html) to identify
putative proximal promoter regulatory elements (Reese & Eeckman 1995). The
O. mossambicus vtg promoter sequence (designated as Omvtg; GenBank accession
no. AJ889574) was examined in comparison to vtg promoter sequences of Gallus
gallus (GenBank accession nos. X00345, M28125), Oreochromis aureus (GenBank
accession no. AF072686) and Xenopus laevis (GenBank accession nos. X01173,
X01175, X01176), using a probabilistic algorithm MEME (Bailey & Elkan 1995).
A series of motif lengths (minimum: 15 bp and maximum: 100 bp) as well as the
number of motifs to be detected (2, 5 and 10 respectively) were the primary
parameter settings. Distribution of possible occurrences of a single motif was set
as “Zero OR One” per sequence.

Motif sequences were submitted to the

TRANSFAC database for putative transcription factor‐binding site identification
(Heinemeyer et al. 1999). Confirmation of the position of identified estrogen
responsive elements (ERE) was further examined by submitting detected motif
sequences to the Dragon ERE Finder version 2.0 (Bajic et al. 2003) with a 0.83
default sensitivity. Multilevel consensus sequences of the putative ERE motifs
are represented in WebLogo format (Crooks et al. 2004). All sequence similarity
search and alignment analyses were conducted using BLASTn (Altschul et al.
1990), ClustalW (Higgins et al. 1994) and DNASIS MAX software (Hitachi
Software Engineering Co., Ltd., Japan).
Quantitative gene expression analysis
Primers for analysis of gene expression by quantitative real time PCR (QPCR)
were designed using Primer Premier Version 5.00 software (Premier Biosoft
International, USA). These included vtg based upon O. mossambicus and O.
aureus sequences (GenBank accession nos. AJ889835, AF072686, respectively,
Table1) and the potential normalizer control gene targets β‐actin (O. mossambicus
β‐actin, GenBank accession no. AB037865) and ribosomal protein L8 (rpl8)
primers for which cross‐species primers were found to provide specific
amplification. Gene expression was quantified using either Stratagene MX3000P
or MX4000 real‐time quantitative PCR systems (Stratagene, USA) as well as an
Applied Biosystems 7500 (Applied Biosystems, CA, USA). Each 15 μl QPCR
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reaction contained 2 μl of diluted first‐strand cDNA, 7.5 μl 2x SYBRgreen mix
(Sigma, Germany), 0.08 μl ROX reference dye (Sigma, Germany) and 0.33 μM of
each primer. The thermocycle program included 95°C (9 min), followed by 40
cycles of 95°C (15 sec), 56°C for (30 sec) and 72°C (45 sec). Each sample was
evaluated in at least triplicate amplification reactions and each QPCR run
included control reactions containing no cDNA template and a standard
concentration of each target DNA amplicon (4 x 104 copies/reaction).
Amplification DNA products were quality checked using melting curve analysis.
Ct values obtained across independent amplification runs for a given gene target
were used to determine relative mRNA abundance by the ∆∆Ct method (Pfaffl
2001; Bustin 2002; Rutledge & Côte 2003; Kubista et al. 2006).

Two gene

transcripts, bactin and rpl8, were used in this study and normalization using
either gene transcript yielded highly similar results. I therefore present only the
data normalized with rpl8. The standard curve for quantification using all
primer sets was linear over 3 orders of magnitude with linear correlation (R2)
between Ct and the number of target copies ≥ 0.98 in each case with reactions
done in quadruplicate (data not shown). Expression data generated from
juvenile fish samples indicating poor RNA quality or suboptimal amplification
were not included in further analyses.
Chemical Exposures
Animal husbandry, treatment and handling were done according to the South
African Standard: the care and use of animals for scientific purposes (SANS
10386:200X) and guidelines for the use of fishes in research (2004) (American
Fisheries Society, http://www.fisheries.org/afs/publicpolicy/guidelines2004.pdf).
Adult males (n = 8) were exposed to 60 μg/L 17β‐estradiol (E2, Sigma, USA) or an
equal volume of vehicle (ethanol) alone (n = 10) for 12 h in order to confirm
qualitative induction of vtg by E2. Vehicle concentration constituted 6x10‐6::1 of
the volume in which animal are exposed. Livers were dissected and weighed to
calculate the hepatosomatic index (HSI: liver mass/total body mass) in order to
compare data from adults to that of juveniles. Juvenile fish were selected at 20
dpf where sex is not morphologically distinguishable but is believed to be
already determined (Chang et al. 2005). These juveniles were exposed to 0.5, 1.0
and 60 μg/L E2 (n = 10 for each condition) in a temporal experiment with 0, 12
and 24 hours time points. Additional juvenile exposures included 100 μg/L
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diethylstilbestrol (DES) (Schwarz Mann, New York) or an equal volume of
vehicle (ethanol) for 3 days. Fish were euthanized and total RNA was prepared
from adult livers or juvenile WBH as described below.
Statistical analyses
Statistical analyses were performed using the STATISTICA software package v8
(StatSoft Inc., USA). Data was tested for normality and equal variance among
groups. For parametric data‐sets, I used Analysis of Variation (ANOVA) to test
for significant variation (P<0.05) together with Holm‐Sidak’s Multiple
Comparison test to determine significance among groups. In cases of non‐
parametric data‐sets, I used Kruskal‐Wallis Analysis of Variance (ANOVA)
followed by a Mann Whitney U test to establish significance between treatment
groups.
RESULTS
Isolation and in silico analysis of the O. mossambicus vtg promoter
We isolated a 3061 bp gene fragment from O. mossambicus (Omvtg; Genbank
accession no. AJ889574) that showed 84% identity to the available 1695 bp 5’‐end
of the O. aureus vtg (Oavtg; GenBank accession no. AF072686). This fragment
included 45 bp of exon I which was 93% identical to the O. aureus cDNA
sequence. Comparative promoter sequence analysis between Omvtg and Oavtg
genes of a 100 bp region upstream of the first codon showed 100 % homology.
Compared to previous experimental characterization of the Oavtg promoter (Teo
et al. 1998), computational prediction using NNPP, confirmed the identical
position of a TATA‐box in the Omvtg sequence with a core sequence of
TTAAAAA, and a putative transcriptional start site (indicated by arrow; Figure
1a) which is 2 bp downstream of the experimentally identified site in Oavtg (Teo
et al. 1998).
Initial analyses, using the TRANSFAC database, revealed the presence of
several different putative motifs within the vtg promoter sequence of O.
mossambicus. However, for this study, I focused specifically on the available cis‐
acting elements involved in estrogen‐dependent transcriptional regulation of
vtg. In silico analysis assessed the presence of putative estrogen responsive
elements (EREs) residing within the 3019 bp (including start codon) promoter
region. Six putative EREs were identified using TRANSFAC at a 70% cut‐off
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score (Figure 1A). The MEME algorithm detected two over‐represented motifs
within multiple vtg promoters to be putative EREs derived from multiple
consensus sequences (indicated with dark grey triangles, Figure 1). These EREs
were confirmed by the Dragon ERE finder (Bajic et al. 2003) at a default
sensitivity of 0.83. MEME analyses of multiple vtg promoter sequences showed
that ERE motif 1 (position ‐2821 bp to ‐2837 bp in Omvtg) was identified in the
(+)‐strand and has a core consensus sequence of CAGGTCAAGACAACCTG
(Figure 1B). ERE motif 2 (position ‐2491 bp to ‐2477 bp in Omvtg) was identified
in the (‐)‐strand with a core‐consensus sequence of CATGTCAGTGTGCCCTG
(Figure 1C).
Further analysis of MEME‐identified motifs, using the MATCH‐platform
(http://www.gene‐regulation.com/cgi‐bin/pub/programs/match/bin/match.cgi),
revealed high probability hits to SRY‐related motifs, Sox 5 and Sox 9, as well as
to vitellogenin binding protein (VBP), hepatic leukemia factor (HLF) and GATA‐
1 motifs (data not shown). Using MATCH‐parameters at a high stringency “to
minimize the sum of both error rates” I identified putative SRY‐related (Sox‐5/9)
binding sites matching the core‐sequence 5’‐ACAAT‐3’ (on both strands) at
positions ‐2074 bp, ‐1726 bp, ‐1153 bp, ‐1032 bp and ‐457 bp relative to the
putative transcriptional start site.
Evidence for differentially spliced products
Using sequence information garnered from the isolated O. mossambicus vtg
partial cDNA and the known O. aureus vtg gene organization, several DNA
primer sets were generated that could amplify different regions of the O.
mossambicus vtg mRNA transcript. Collectively, these regions represented
approximately 17 % of the vtg gene (Figure 2A). Primer positions spanned
putative intronic regions, based upon the O. aureus vtg gene structure, and could
be used to assess the presence of genomic DNA contamination during RT‐QPCR
analysis. Indeed, the lack of amplification of an intron‐containing fragment
using OMV6/9 primers confirmed the absence of genomic DNA template in the
assessed samples (Figures 2A and 2B).
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Figure 1. Organization of the O. mossambicus vtg promoter region. (A) Schematic
representation of the vtg promoter and partial sequence of the first exon (GenBank
accession no. AJ889574). In silico analysis revealed the putative TATA‐box and
transcription start site as indicated in bold and with an arrowhead, respectively.
Putative ERE motifs identified by TRANSFAC are denoted by the grey ovals while those
identified using multiple consensus sequences, detected by MEME and confirmed by
ERE Dragon finder are shown by black triangles. Arrows indicate the direction of each
putative ERE binding site within the promoter region. (B) ERE motif 1 detected in the
(+) strand located 180‐196 bp upstream of the putative transcription start site. (C) ERE
motif 2 in the (‐) strand and 526‐540 bp upstream of the putative transcription start site.
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Tissue specific amplification revealed alternatively spliced vtg transcripts
(Figures 2A and B). OMV1/2 primer‐based amplification from adult female and
male resulted in a larger than predicted 397 bp product expressed in all tissues
examined (brain, gonad, spleen, gill, heart and muscle) with the exception of the
liver, where a 297 bp product of the predicted size was obtained (Figures 2A and
B).
Characterization of each amplified cDNA revealed that the larger
fragment contains exon IV, exon V and the intervening intronic sequence. This
intron is absent in the DNA amplicon obtained from the liver (Figure 2C).
Putative translation of this transcript homologous region results in the presence
of stop codons in all 3 frames (Figure 2A) suggesting that it may not encode a
functional VTG protein. Expression of a second alternatively spliced mRNA
product was highlighted by the use of the downstream primer pair, OMV4/10,
which identified a 365 bp fragment displaying inclusion of the intronic sequence
in vtg mRNA. This intronic region was absent in vtg transcript expressed within
the liver, as represented by a 279 bp amplified DNA product (Figure 2B). The
liver‐specific mRNA containing this region of the vtg transcript expressed at
higher levels in females compared to males.

In contrast to OMV1/2 and

OMV4/10 amplified cDNA sequences, primer pair OMV6/9 did not detect vtg
mRNA transcripts that retained intronic sequence information and demonstrates
a tissue‐restricted pattern of expression in the livers of both male and female O.
mossambicus. In the case of all three vtg‐specific primer sets, the female liver
showed higher levels of mRNA expression compared to the male livers. These
data suggest that alternate vtg transcripts are expressed in tissues other than the
liver, while a liver‐specific vtg transcript is present in O. mossambicus. Thus,
development of biomarker tools for real‐time QPCR must incorporate this novel
information in the design of appropriately positioned gene‐specific primers.
One possible reason why OMV1/2 and OMV4/10 identify mRNA variants
that retain intronic information in tissues other than the liver may be due to
suboptimal splice donor and/or acceptor sites at these positions in the vtg gene.
To investigate this possibility, the mRNA splice donor and acceptor sites were
analyzed within these two regions with SpliceView using the Fugu setting
(http://l25.itba.mi.cnr.it/~webgene/wwwspliceview.html) and determined that a
relatively weak splice acceptor site exists for exon V and no identified donor site
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for exon VII, which may contribute to the retention of introns observed for vtg
transcript homologues in many tissues.
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Figure 2. Identification of O. mossambicus vtg mRNA in various tissues and QPCR
primer design. (A) Organization of the related Oreochromis aureus vtg gene (gDNA;
GenBank accession no. AF072686) displaying the relative locations of exons and intronic
sequences. The QPCR amplicons generated from O. mossambicus are shown with
products from normally spliced mRNA indicated above while those generated from
alternate transcripts are indicated below. Asterisks indicate the presence of putative in‐
frame stop codons. (B) Agarose gel analysis showing the various DNA amplicons
generated with RNA isolated from the indicated adult male and female tissues is
shown. Amplification of rpl8 was included to assess sample integrity and as a loading
control. The relative band sizes are indicated in base pairs (bp). NTC, no template
control.
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Comparison of sex‐associated transcript abundance in the adult tissue scan are
consistent with O. mossambicus vtg being estrogen‐inducible in the liver (Baker &
Shapiro 1977; Denslow et al. 2001; Craft et al. 2004). To lend support for this
hormone‐dependent regulation, adult males were exposed to a high
concentration of 17β‐Estradiol (E2) (60 μg/L). Using OMV6/9 primers that detect
liver‐specific vtg mRNA and not alternative transcript forms found in other
tissues, a significant 4‐fold increase was observed in vtg transcript levels upon E2
exposure within 2 h (Figure 3; p=0.003; Mann‐Whitney U test).
Normal and induced expression of vtg mRNA in juvenile O. mossambicus
Expression of the liver‐specific form of vtg mRNA was assessed using the
OMV6/9 primer set. Overall, the steady‐state levels of vtg transcript in juvenile
liver were found to be extremely low over an early developmental period (5 dpf
to 110 dpf) compared with an approximately 60‐fold higher abundance
measured in adult male liver after correction for WBH (Figure 4). The level of vtg
mRNA remained relatively steady until 65 dpf where a 2‐fold increase compared
to 5 dpf was observed. However, a significant increase in vtg transcript levels
was only attained at 80 dpf (p=0.048, Mann Whitney U test), while abundance
levels remained non significant at successive time points (Figure 4).
Juveniles at 20 dpf developmental stage were chosen for E2 induction
analysis of vtg mRNA expression. The exposure concentrations of E2 employed
were at levels similar to or lower than those used with adult males (see Figure 3)
in order to get an indication of the relative induction profile at environmentally‐
relevant concentrations of E2. Following 12h of exposure to 1.0 μg/L and 60 μg/L
E2, juveniles displayed a significant increase in liver‐specific vtg transcript
abundance relative to the time‐matched controls (3‐ and 13‐fold, respectively).
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Figure 3. Induction of vtg mRNA expression in O. mossambicus adult male liver. Relative
vtg transcript levels were examined in livers from adult males exposed to ethanol
vehicle or 60 μg/L E2 for 12h (n=10 and 8, respectively) using the OMV6/9 primer set.
Expression data were normalized to the invariant endogenous rpl8 transcript. The
observed increase in liver‐specific vtg mRNA abundance was significant at p=0.003,
Mann Whitney U test. The error bars represent standard error of the mean.
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Figure 4. Expression of liver‐specific vtg mRNA during early development of O.
mossambicus. Liver‐specific vtg transcript levels were investigated in WBH of juveniles at
the indicated days post fertilization (dpf). Each time point was generated from a pool of
3 to 22 individuals except for at days 10 and 40 where n=1. The asterisk indicates a
significant increase relative to 5 dpf (p=0.048, Mann Whitney U). The error bars
represent standard error of the mean. The dotted line depicts the relative level of vtg
transcript in adult male liver corrected for HSI which was 0.15. All data were
normalized to the invariant endogenous rpl8 transcript.
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Figure 5. Estrogen‐dependent induction of liver‐specific vtg mRNA in juvenile O.
mossambicus. (A) Relative levels of vtg transcripts were determined from WBH of 20 dpf
animals exposed to ethanol vehicle (white bars), 0.5 μg/L E2 (grey bars), 1.0 μg/L E2
(hatched bars) or 60 μg/L E2 (black bars) for the indicated times. Error bars represent
standard error of the mean. Significance is indicated relative to the time‐matched
control by a single (p<0.05; Mann Whitney U) or triple asterisk (p≤0.001; Mann Whitney
U). (B) Exposure to 100 μg/L DES for 3 days also is shown to increase liver‐specific vtg
transcript abundance. Use of the non tissue‐specific OMV1/2 or OMV4/10 QPCR primer
sets produces an additional band in the vehicle exposed animals representative of
alternate vtg transcripts. All data were normalized to the invariant endogenous rpl8
transcript.
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DISCUSSION
An in silico analysis of the isolated 5’ promoter region in O. mossambicus vtg
identified binding sites for ESR as well as VBP. To have induction of mRNA
transcription mediated through the VTG responsive elements, a basal level of
VTG is required. Since juveniles at 5‐20 dpf are still feeding on their yolk sac,
detection of low levels of vtg mRNA as early as 5 dpf was not unexpected.
However, the translation of these transcripts into functional VTG has not been
confirmed. There is some evidence that O. mossambicus utilizes a heterozygous
male sex determination mechanism (XX female /XY male) (Clemens & Inslee
1968). The presence of putative ESR and SRY‐related (Sox‐5, Sox‐9) binding sites
in the vtg promoter region indicates that sexually dimorphic modulation of gene
expression may also occur involving these transcription factors, although such a
regulatory mechanism remains undetermined at present. The data indicate
higher expression of vtg mRNA in adult females when compared to males and it
is interesting to speculate that this sex‐dependent difference may arise from a
combination of regulatory mechanisms that include ESR and SRY action.
Examination of vtg mRNA present within the transcriptome of a variety
of tissue types identified splice variants expressed from the O. mossambicus vtg
gene. The reason for the presence of these alternate transcripts is currently not
known and some are not predicted to express functional protein. Interestingly, a
tissue‐specific transcript that displayed the potential to encode VTG protein was
observed in the liver. The complexity in the presence of transcript homologues
requires the design and validation of assay tools that successfully evaluate the
liver‐specific form of vtg mRNA. This is especially true in assays that employ
WBH where a potential underestimation of gene expression induction may
occur due to the higher abundance of the different forms of vtg mRNA across
tissues other than the liver. Such work highlights the importance of biological
characterization of gene expression systems within sentinel species prior to
assay development.
Two biological platforms were assessed for the detection of estrogen‐
dependent induction of gene expression. The first instance represented a widely
used system in which the low background expression of vtg in adult male liver
forms the basis of the screening assay. Examples of this can be found for adult
tilapia (O. aureus) and other teleost males (Ding et al. 1989; Lim et al. 1991; Ding et
al. 1993; Scholz et al. 2004; Mikawa et al. 2006; Miracle et al. 2006; Gordon et al.
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2006). In accordance with the present work with O. mossambicus, these studies
demonstrated relatively low levels of vtg expressed in the liver prior to estrogen‐
associated induction. Upon E2 exposure for 12h, the steady‐state levels of O.
mossambicus vtg mRNA show a significant increase (4‐fold) (60 μg/L E2). Lim et
al. (1991) reported a similar 20‐fold increase in vtg mRNA in O. aureus at 72 hrs
post‐treatment with E2.
Our present study argues strongly for ensuring the use of correct primer
sets when using transcripts as indicators of E2 exposure. A recent publication by
Davis et al (2007) describes the cloning of 3 vtg fragments in O. mossambicus. The
partial cDNA fragments that were cloned in this manuscript do not overlap with
the ones identified in the present work and data is only presented for adult male
livers. Our work looks beyond this tissue type and developmental stage and
specifically shows that that various splice alternatives may exist in different
tissues. The two partial clones sequenced in the present study which retained
their introns had stop codons when translated in any frame. This means that a
protein product is not expected from these transcripts and, thus, would not be
detected by immunoblotting protein homogenates, as was done by Davis et al.
(2007).
While this adult‐based assay clearly demonstrates an estrogen‐dependent
induction of vtg expression, it requires husbandry of large numbers of adult
males and the isolation of liver tissue for analysis. The second assay platform
investigated involves a simpler method that employs WBH preparation from 20
dpf juvenile O. mossambicus exposed to estrogenic substances. The use of a QPCR
primer set that recognizes only the liver‐specific vtg transcript along with the
application of juvenile stage animals increases assay sensitivity by allowing for
the establishment of a low baseline expression when compared with adult male
liver. Animals at this early developmental stage were particularly responsive to
low concentrations of E2 within a relatively short time frame. Significant induced
levels of vtg transcript were found following 12h of exposure to 1.0 μg/L E2
whereas lower exposure of E2 (0.5 μg/L) increased vtg transcript levels after 24
hours. These results confirm that O. mossambicus juveniles are responsive to a
range of E2 concentrations. The fact that no mortality was observed for exposed
animals along the E2 concentration gradient illustrates this species’ robustness to
assay conditions.
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CONCLUSION
Real‐time quantitative PCR has been shown to be a viable method in the
evaluation of estrogen‐induced hepatic vtg transcript levels (Funkenstein et al.
2004). The present study identifies assay criteria and highly sensitive QPCR tools
required to establish the indigenous O. mossambicus as a sentinel in tier I
screening for estrogenic activity in Southern African aquatic systems. The
substantially lower pre‐induction abundance levels of liver‐specific vtg found in
juveniles compared to adult males increases the dynamic range of the assay and
greatly enhances the ability to detect estrogenic EDC effects at environmentally
relevant concentrations.
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Chapter 3

Temporal expression of two Cytochrome P450
Aromatase isoforms during development in O.
mossambicus, in association with histological
development
ABSTRACT
Aromatase – an enzyme coded for by two homologues of Cytochrome P450 19
(cyp19) in Oreochromis mossambicus is the only enzyme able to catalyze the
reaction whereby estrogens are aromatized from androgens. As the gene
product vtg (vitellogenin) is used as a bio marker to report estrogenic activity in
oviparous species, and is induced by the presence of estrogens in the aquatic
environment, resulting tissue specificity and temporal expression of cyp19
homologues (cyp19a and cyp19b) were studied in unexposed populations of this
species. To this end a quantitative real‐time PCR (QPCR) protocol was
developed and quantitative temporal expression profiles for cyp19a (ovarian
homologue of cyp19) and cyp19b (brain homologue of cyp19) been determined.
Maturely spliced cyp19a was transcribed only in the ovaries of adult specimens,
and temporal expression reflected this result as induction of cyp19a coincides
with histological development of putative ovaries. Using primers that only
identify the ovarian transcript, cyp19a transcript levels demonstrates a typical
reflection of puberty as after the initial surge in cyp19a mRNA, juveniles
expressed very low levels of cyp19a, which increased again at the time
histologically discernable vitellogenic ovaries was witnessed. Cyp19b was
expressed in brain and muscle tissue of both male and female adults, with the
addition of ovarian expression in females. During development, cyp19b
transcript levels were increased at the same time as cyp19a (20 dpf) whereafter
basal levels of expression of this isoform were measured in whole body
homogenates of juvenile samples.
Keywords: Cytochrome P450 Aromatase, Oreochromis mossambicus, Quantitative
real‐time polymerase chain reaction
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INTRODUCTION
17β‐Estradiol (E2) is responsible for a multitude of functions in the vertebrate
physiology including primary and secondary sexual characteristics, maintenance
of bone bass and cardio‐protective effects (Grumbach 2000; Vasudevan et al.
2002). In addition, E2 exhibits effects known to be permanent organizing effects
on the CNS development and general neurotrophic factors in several brain
regions and life stages (Maclusky & Naftolin 1981; Tchoudakova et al. 2001).
E2 biosynthesis in mammals involves a series of enzymatic steps,
converting cholesterol into the steroid hormone, E2. This process requires
various forms of cytochrome P450 (Cyp) gene products, one of which cyp19
(“aromatase”). In combination with NADPH‐cytochrome P450 reductase, cyp19
catalyze the formation of E2 from testosterone, where the enzyme is bound to the
membrane of the smooth endoplasmic reticulum of steroidogenic cells (Conley
& Walters 1999; Tsuchiya et al. 2005). Cyp19 is the only Cytochrome P450 that is
capable of creating an aromatic ring which is characteristic of estrogenic
compounds (Simpson et al. 1994).
The cytochrome genes consist of a superfamily encoding heme‐containing
monoxygenases and are responsible for the oxidative metabolism of many drugs
and environmental chemicals as well as endogenous substances including
steroids (Nelson et al. 1996). cyp19 is present as a single copy in the genome of
most mammals (Simpson et al. 1994; Choi et al. 1997) whereas in several other
vertebrates, including fish, two distinctive genes denoted cyp19a and cyp19b code
for this enzyme and are expressed predominantly in ovarian and brain tissues
respectively (Callard et al. 2001; Greytak et al. 2005; Chang et al. 2005). The
Japanese eel is an exception, reported to only express a single isoform (Jeng et al.
2005). Although both these forms of cyp19 genes are able to aromatize
[3H]androgen to [3H]estrogen, it remains the rate‐limiting step in estrogen
biosynthesis (Tchoudakova & Callard 1998). Moreover, the two different genes
encode functionally different enzymes, with the heme‐ and steroid binding sites
highly conserved between these isoforms and among different species
(Cheshenko et al. 2008) Whether one or two forms of cyp19 is carried in a
species, all vertebrates to our knowledge illustrate a tissue specific expression of
this gene(s) which is known to occur in a differential manner (Schulz et al. 2001;
Janicke 2004; Piferrer et al. 2005; Tsuchiya et al. 2005; Pellegrini et al. 2005;
Cheshenko et al. 2008).
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Cyp19a expression in adult females varies in relation with the vitellogenin
cycle (Goto‐Kazeto et al. 2004). Androgens which are produced predominantly
in thecal cells are converted into estrogens in the granulosa cells by ovarian
aromatase mainly (Cheshenko et al. 2008).
Cyp19b expression occurs mostly in the brain but is found in other tissue
types too for several species of fish (Callard et al. 1993; Balthazart 1997). In
teleosts, evidence suggests that brain aromatase may be expressed exclusively in
glial cells (Forlano et al. 2006). Within the brain, cyp19b expression was found
mostly in the cells bordering the ventricles in the telencephalon, preoptic area,
hypothalamus and mesencephalon (la Valle et al. 2005; Wang & Tsai 2006;
Forlano et al. 2006; Cornil et al. 2006; Balthazart & Ball 2006). Levels of cyp19b is
higher in the hypothalamus of the brain which correspond to the presence of
gonadotropins‐releasing hormone I neurons that project into the pituitary of
teleosts (Blazquez & Piferrer 2004).

In males however, neural aromatase is

suggested to be involved in the production of neurosteroids that may affect
neural development and brain sex differentiation. In addition, the brain of
teleosts is traditionally characterized by exceptionally high levels of aromatase,
which is continuous throughout life (Blazquez & Piferrer 2004). In Atlantic
halibut, the ratio of cyp19a to cyp19b expression was found to be much higher in
ovaries than in testes in the adult fish and was used to some degree of accuracy
to infer sex of a specimen (Matsuoka et al. 2006).
Vertebrates with only one cyp19 gene achieve tissue‐specific expression by
alternative splicing and/or different promoter usage in these species, whereas in
species which has two different isoforms of the gene, differential transcript
levels are obtained on account of the difference in the promoter area (Tsuchiya et
al. 2005; Cornil et al. 2006). The two different cyp19 genes in teleosts has sub‐
divided expression domains and accompanying different promoter regions.
When expressed in non‐steroidogenic cell lines, both ovarian‐ and brain
aromatase are able to aromatize androgen (Tchoudakova & Callard 1998), but
differences in substrate preference and inhibitory constants are consistent with
differences in functionally important residues (Zhao et al. 2001).
Cheshenko et al (2007) and Forlano et al (2006) reviewed the potential
regulatory factors for aromatases in teleosts which include responsive elements
for cAMP responsive element binding protein (CREB), Steroidogenic factor
1/adrenal 4 binding protein (SF1/Ad4BP), estrogen receptor (ESR), aryl
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hydrocarbon receptor (AhR), and nuclear hormone receptors (including PPAR,
RXR and RAR). Some of these elements are exclusively found flanking either the
ovary or brain isoforms of the gene. In tilapia, Chang et al. (2005) identified SRY,
WT1‐KTS, GATA‐4, CRE and SF‐1/Ad4 as binding sites for transcription factors
in Cy19a. From these only GATA‐4 and CRE was found in cyp19b. In addition
ERE and RAR was also found in the 5’ flanking region of cyp19b (Chang et al.
2005).
Therefore, in the brain of tilapia and some other teleosts (Callard et al.
2001), aromatase expression can potentially be regulated directly by estrogens
and its receptor via its conventional genomic pathway (Falkenstein et al. 2000).
Since this way of regulation is a lengthy process (days/weeks), it makes sense
that it can affect sex determination/differentiation. Estrogens induce the
transcription of cyp19b (Kishida et al. 2001; Kazeto et al. 2004). This phenomenon
underlines the potential effect of estrogenic EDCs on the expression of cyp19b
and consequently aromatase activity. In zebrafish, estrogenic exposure resulted
in increased aromatase expression in the brain of female fish, whereas no change
was reported for the male brain (Andersen et al. 2003). However, the opposite
effect, was reported for fathead minnows (Halm et al. 2002). In tilapia, the
enzyme activity upon E2 induction decreased in the post‐natal fish, whereas it
increased significantly at the time of gonadal differentiation (Tsai et al. 2000).
This and other studies clearly illustrate the importance of stage of development,
tissue type and sex when measuring cyp19 expression and activity (reviewed by
Cheshenko et al 2007). Alteration in the aromatase expression and/or activity
following

exposure

to

estrogenic

EDCs,

may

drastically

affect

sex

determination/‐differentiation pathways adversely.
In oviparous vertebrates, aromatase plays a critical role in vitellogenesis
(Nagahama 1994).

As a steady increase in the expression of cyp19a occurs

during vitellogenesis (Yoshiura et al. 2003) this phenomenon might be a
contributing factor to the reported high levels of aromatase in the brains of
teleosts (Callard et al. 1990; Blazquez & Piferrer 2004). On the other hand, it
impacts greatly on regulation of sex differentiation in many fish species since
primary sexual characteristics during development depend on the availability of
estrogens (Callard et al. 2001). This may however be a secondary effect of sex
determination.
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Towards understanding the mechanism of sex determination in cichlid fish,
several hypotheses have been put forward and tested which implicates the cyp19
genes, in particular the regulatory elements thereof in several of these studies
(Matsuoka et al. 2006), since the 5’‐flanking region of cyp19a has been found not
to contain an estrogen responsive element (ERE) (Forlano et al. 2006; Cheshenko
et al. 2008), whereas that of cyp19b does (Chang et al. 2005). A SRY binding site
found in the 5’‐flanking region of cyp19a in tilapia (Chang et al. 2005), which are
known male sex‐determining factors in mammals, but the expression of SRY
itself is completely absent in male Nile tilapia gonads. Same binding regions
were found also for zebrafish and goldfish. This may indicate a decisive role in
sex differentiation in these fish species, but not necessarily a mechanism totally
dependent on genetic determination of sex at the time of fertilization. A study on
Fathead minnows (Villeneuve et al. 2006) may indicate that regulation of
reproductive activity occur at a transcriptional level with regards to cyp19a in
that the enzyme activity of aromatase was significantly lower in non
reproductive adults’ ovaries. Yet, when the two homologues of cyp19 are
differentially measured, not cyp19b, but very well cyp19a was down regulated in
the ovaries of non reproductive adults. Considering the hypothetical role in sex
determination and differentiation of these genes specifically in the brain of
sexually undifferentiated juveniles, a comparison of gene expression data along
with enzyme activity would shed light on the mechanism of sex determination
and possibly the signal transduction pathway employed by the species in
question.
Oreochromis mossambicus, a gonochoristic teleost fish targeted as sentinel
species for endocrine disruption in Southern Africa is known to follow a sex
determination mechanism largely genetic dependent, but can be altered
environmentally by temperature (Wang & Tsai 2000) and hormonal imbalance
(Eckstein & Spira 1965; Nakamura et al. 1998). As part of background studies
relating to EDC monitoring using O. mossambicus, I set forward to clone and
sequence partial fragments of both isoforms of cyp19 in order to develop
quantitative PCR (QPCR) protocols. I subsequently quantify tissue specific
expression in adult specimens, and determine expression levels of cyp19a and
cyp19b during the juvenile development stages of this species in comparison
with gonadal development histologically.

83

MATERIALS AND METHODS
Animals
Adult breeding stock of Oreochromis mossambicus was obtained from Aquastel
(South Africa) and kept in aquaria with water, constantly aerated and recycled
through an activated charcoal filter. Water temperature was kept at 27 °C (±1
°C). Fish were fed once daily with tilapia pellets (AquaNutro, South Africa).
Light regime followed 14:10 L:D cycle. On a daily basis aquaria were checked for
females carrying eggs in their mouths. These females were removed from the
breeding aquaria to culturing tanks. In the culturing tanks each brooding female
was kept alone until the offspring reached swim‐up fry stage, at which time the
adult female was removed and re‐introduced into the breeding tank. Each batch
of offspring was reared separately in the same water conditions as for breeding
stock. Animals at the appropriate developmental stage were collected,
euthanized using 0.01 % Benzocaine (Heynes Mathew, Ltd., South Africa) and
preserved in RNAlater (Ambion Inc., USA) at 4 °C or fixed in buffered
formaldehyde (Bancroft & Stevens 1977) for genetic and histological purposes
respectively. At least three groups from different breeding pairs (n≥5 per group)
were sampled at 5 day intervals starting at 5 days post fertilization (dpf).
Histological procedures
Standard histological procedures (Bancroft & Stevens 1977) were used to
determine the relationship between age and the formation of gonadal structures.
Five (5) specimens per age class were processed. Whole bodies were fixed in
buffered formaldehyde (Bancroft & Stevens 1977) and embedded in paraffin wax
(Merck, South Africa). Histological sections (5 μm) were stained with Harris
hematoxylin and eosin (Humason 1967) within each age group.
RNA isolation and cDNA preparation
For the initial cloning of either of the expressed aromatase sequences, RNA was
prepared from brain, ovary and liver tissue of an adult female using TRIzol
reagent (Invitrogen, USA) according to the manufacturer’s instructions.
Following resuspension of total RNA in DEPC‐treated water, samples were
treated with DNase I (Promega, USA) for 30 min at 37 °C and precipitated with
2.5 volume (vol) 95% ethanol and 1/10 vol 3 M sodium acetate pH 5.6 at ‐20 °C.
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The RNA pellets were washed with 70 % ethanol and redissolved in 30 to 60 μl
of DEPC‐treated water.
For analysis of aromatase gene expression during development, total
RNA was isolated from whole body homogenates (WBH), three groups per age
class (n = 5 to

10 per age group). RNA yields were quantified

spectrophotometrically at Absorbance260nm and stored at ‐70 °C.
First strand cDNA was prepared from 2 μg of total RNA using oligo
d(T)15 primers and SuperScript III RNase H‐ MMLV reverse transcriptase as
described by the manufacturer (Invitrogen, USA). Samples were diluted 40‐fold
prior to gene expression determination and stored at ‐20 °C.
Primer development
To obtain partial cyp19 gene sequences, PCR was performed using cDNA
derived from O. mossambicus brain and ovary tissue as template and primers
designed against the related O. niloticus cyp19a and b sequences (GenBank
accession no. AF472620 and AF472621 respectively). PCR conditions included 1.5
mM MgCl2, 0.05 mM of each dNTP, 1 μM of each primer (Table 1) and 2.5 units
of in‐house Taq polymerase in a 25 μl reaction. In each reaction, 50 ng cDNA
from liver, ovary or brain was added. PCR reaction volumes were denatured for
2 min at 94 °C, after which followed 30 cycles constituting of 1 min at 94 °C, 30
seconds at 55 °C and 30 seconds at 72 °C, with a final elongation step of 5 min at
72 °C. PCR products were checked for size on a 2 % Agarose gel.
Amplified DNA fragments of interest were cloned into pGEM‐T Easy
vector (Promega, USA) and transformed into E. coli DH5α. Plasmid DNA was
isolated from positive clones detected by colony PCR and insert DNA sequenced
using SP6 and T7 primers. The resulting O. mossambicus aromatase sequence
information was compared to all sequences in the NCBI database and best
similarity was found with aromatase (cyp19a and cyp19b respectively with the
appropriate primer sets) sequences of O. niloticus.
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Table 1 Primer sequences used for cloning or QPCR. Asterisk (*) indicate anti sense
primers
Target
Gene
cyp19a

Application

Primer

Sequence

Cloning

OMAO6

AATTAAACCCCAGAAAGCCAGG

OMAO4*

CTGTGAACTAAATATGTATGACATGC

OMAO1

CACAAAACCACGGTGAGCTGTCTGCT

AromaOfwd

CAATCGCATGGGATATCAATGG

AromaOrev*

GAAGATCTGCTTAGTATGAGCGTC

OMAO3

CACAAGACAGCAACCCAGGAGTTA

OMAO2*

CTGTCTCTCACCCACAACAGCG

QPCR
cyp19b
β‐actin

Cloning and AromaBfwd

GAGCGTCAGAAGTCACTGC

QPCR

AromaBrev*

GCTCAAAATCAGGGTCTCCTC

QPCR

OMBA1

TGTGATGGTGGGTATGGG

OMBA2*

CTGTGGTGGTGAAGGAGTAG
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QPCR assay development and ‐verification
Primers and clones for analysis of gene expression by quantitative PCR (QPCR)
are listed in Table 1. For housekeeping gene (internal invariant standard)
purposes, β‐actin was used which has been developed and described in Chapter
2. Gene expression was quantified using a Applied Biosystems 7500 real‐time
PCR system (Applied Biosystems, CA, USA). Each 15 μl QPCR reaction
contained 2 μl of first‐strand cDNA (40‐fold dilution), 7.5 μl SYBRgreen mix
(Sigma, Germany), 0.08 μl reference dye (Sigma, Germany) and 0.33 μM of each
primer. The thermocycle program included 95 °C (9 min), followed by 40 cycles
of 95 °C (15 sec), 60 °C (OMAO3/6) or 56 °C (AromaBfwd/rev) for (30 sec) and 72
°C (45 sec). Each amplification run included control reactions containing no
cDNA template.
Quadruplicate determinations were performed on samples containing
plasmids which consist of pGEM‐T Easy (Promega, USA) vector containing
either OMAO3 fragment (amplified with primers OMAO2/3) or aromaB
fragment (amplified with primers aromaBforw/rev). For each a 1/5 dilution
range is prepared and the Ct values obtained were used in combination with the
dilution series to obtain a standard curve that describes the relationship between
copies of gene target to derived CT value. The resulting gene expression data was
averaged for each sample. Variation between individual samples in RNA input
quantity was normalized using the expression of β‐actin gene as a housekeeping
gene.
Primers (Table 1) designed from the available O. mossambicus sequences
proved to amplify the respective spliced fragments, which resulted in 100%
identity with the available sequences in NCBI database.

These primers

(OMAO3/2 and AromaBforw/rev for cyp19a and cyp19b respectively) were then
used to obtain standard curves from a dilution range of cyp19a and cyp19b
template on a QPCR analyzer. Average CT values of cyp19a (OMAO3/2) and
cyp19b (AromaBforw/rev), and Beta actin (OMBA1/2) showed a linear
relationship with varying concentrations of purified RNA from samples, with
correlation coefficients of ≥ 96.0. The assumptions for the ∆∆Ct method (Bustin
2002) is therefore met and the ratio of DNA expression of data to BA is
calculated by 2‐∆Ct.
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Statistical analysis
Statistical analyses were performed using the software package STATISTICA© V8
(StatSoft Inc., USA). Normal distributed data was analyzed with parametric
analysis of variation (ANOVA) to test for significant variation (P<0.05). Non‐
normally distributed data was analyzed with the non‐parametric Kruskal‐Wallis
analysis of variance (ANOVA) on ranks followed by Dunn’s Multiple
Comparison Procedures to test for significance among groups. Where
appropriate, quantitative gene expression values were tested using both
normalized (with housekeeping gene) data or Log10 transformed data (Zar 1996)
according to methods that agree with the assumptions for the type of data to see
correlation of first derivative data. Correlation between variables was analyzed
with linear regression on data according to Pearson (Pearson 1896) for normally
distributed data or Spearman’s rank correlations (Gibbons 1985) for non normal
data.
RESULTS
Histological development of gonads
Histological procedures used in this study were insufficient to determine the
presence of any gonadal structures for specimens as young as 3 dpf. In O.
mossambicus, at 20 dpf, differentiation of somatic cells could be observed in the
gonadal ridge extending from the peritoneal wall (Figure 1A) with germ cells
and somatic cells distinguishable (Figure 1B‐D). However, no clear distinction
between sexes in this gonochoristic species was possible at this stage of
development. At 20 dpf gonads were still primordial. One specimen in this
group of 20 dpf juveniles presented with a stromal elongation that may
represent the possible formation of the ovarian cavity in Figure 1D.
At 40 dpf, gonadal structures appeared larger and gonadal cells more abundant.
Gonadal ridges were clearly discernable as bulbed structures at the end of the
gonadal mesenteries extending from the peritoneal wall ventral to the well‐
developed swim bladder. Male gonads could not be positively recognized at this
stage, however, in Figure 2A‐D the possible formation of the efferent duct was
observed (arrowhead in Figure 2A). These presumptive males exhibited less
distinctive germ cells relative to the somatic cells when compared to
presumptive female specimens (Figure 2E‐H). Contrary to the early male
gonadal analogues, several specimens exhibited gonadal structures with well
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developed germ cells with clear evidence of meiotic activity (Figure 2E‐H). These
distinguishable germ cells were supported by somatic cells at the periphery of
the developing gonad, showing active germ cell mitosis and meiosis. Germ cells
were found to be relatively small (4‐8 μm, Figure 2E). In one specimen,
appendix‐like outgrowths (Figure 2F), what seems to be the early development
of the ovarian cavity was observed. At 40 dpf, at the light‐microscopic level, I
could not identify any other organizational features indicating differential
gonadal development.
After 55 dpf, structures were not notably larger than at 40 dpf, and similar
to the 40 dpf specimens, the extended gonadal mesenterium (Figure 3C and E)
containing clusters of somatic cells and germ cells (Figure 3D). However, similar
to the 40 dpf individuals, it was impossible to confidently determine a
differentiating testis or ovary with light microscopy.
Juveniles at the 75 dpf stage exhibited well developed ovaries mostly in
the primary growth stage, showing clear cellular differentiation with either
oocytes in early peri‐nucleolus stage or advanced peri‐nucleolus stage. This
primary growth stage of the oocytes (Figure 4) typically involved a substantial
increase in cells size as well as the formation of Balbiani bodies (which
corresponds to various cellular organelles) as basophilic cytoplasmatic masses
(Figure 4A). As for organizational activities of somatic cells, ovaries in all
individuals examined exhibited an ovarian lumen (cavity) (Figure 4B) with
primary oocytes enveloped by squamous‐type stromal (follicular) cells. Oocyte
cytoplasm stained strongly basophilic and showing evidence of lipid droplets
(vitellogenic activity) in the peripheral regions of the ooplasma (arrowheads in
Figure 4B).
Males at 75 dpf developmental stage exhibited smaller gonadal ridges
characterized by a proliferation of somatic‐type cells and the absence of larger
oocytes (Figure 4C). At the light‐microscopic level, no distinction between
mitotic and meiotic activity associated with developing spermatogonia could be
made. However, discernable pachytene spermatocytes can be observed at this
stage, suggesting the onset of spermatogenic development.
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Figure 1 Light microscopy of gonadal development of Oreochromis mossambicus at 20
days post fertilization (dpf). Scale bar = 10 μm. A: cross section of primordial gonads
suspended from the dorsal peritoneal wall (PW) in an early differentiating specimen. B‐
D: cross sections of differentiating gonads illustrating the presence of germ cells (G) and
somatic cells (S).
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Figure 2 Light microscopy of gonadal development of Oreochromis mossambicus at 40
days post fertilization (dpf). Scale bar = 10 μm. A‐D: cross section of differentiating
gonads suspending from the dorsal peritoneal wall (PW) by short mesenteries (M) with
the absence of any germ cells present. Possible formation of an efferent duct is indicated
by an arrowhead in A. E‐F cross sections of differentiating gonads presenting somatic
(S) and germ cells (G). In E a putative developing ovary below the caudal tip of the
swim bladder (SB) illustrates the formation of the ovarian cavity (OC) and one pre‐
mitotic germ cell (PG). An appendix‐like outgrowth in F predicts the initiation of the
formation of an ovarian cavity. A typical aggregation of somatic cells (S) is seen,
possibly the origin of an appendix‐like outgrowth in specimen photographed in H.
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Figure 3 Light microscopy of gonadal development of Oreochromis mossambicus around
55 days post fertilization (dpf). Scale bar = 10 μm. A illustrates typical proliferation of
somatic cells (S) with no evident germ cells present growing from the peritoneal wall
(PW). In addition, blood vessels (BV) in B can be seen in the periphery of the
differentiating gonad. C illustrates again appendix‐like outgrowth (AO) in a developing
ovary. Note the low number of somatic cells relative to specimen in A. A pachytene
oocytes in D further indicate the formation of an ovary, whereas E illustrates a further
developed ovary with advanced formation of the ovarian lumen (OL). (SB, swim
bladder; M, mesentary)
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Figure 4 Light microscopy of gonadal development of Oreochromis mossambicus at 70‐75
days post fertilization (dpf). Scale bar = 50 μm. A: Balbiani bodies (bb) in an early
perinucleolus oocytes (75 dpf). B: vitellogenic ovary illustrating start of organizational
effect by flat epithelium (e) cells and supportive tissue (st). The ovarian lumen (OL) is
clearly recognizable at this stage (75 dpf). C: pachytene spermatocytes in testis of 70 dpf
presenting with surrounding epithelium cells (e) and efferent duct (ed). PW = peritoneal
wall; SB = swim bladder
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Isolation and sequencing of partial cyp19 sequences
Sequencing results of amplified product using primers for cyp19a and cyp19b
was 100% identical to sequences for the two genes in Oreochromis mossambicus
(GenBank accession nu. AF135851 and AF135850 respectively).
For cyp19a alternatively spliced variants was found, which were cloned
and sequenced (Figure 5) and subsequently found to be 100 % identical to the
genomic (gDNA) sequence mentioned above, which demonstrate the inclusion
of introns even though samples were DNase I treated before reverse
transcription.
Tissue specific expression of aromatase
Cyp19a was amplified in ovarian tissue only (Figure 5) and not in males at all
when the finally spliced product (primers OMAO3/2) was amplified, however
alternatively spliced product (primers AromaO f/r and OMAO1/2) was found in
all tissues of male and female specimens for cyp19a.
Cyp19b mRNA was amplified in brain, ovary and muscle tissue of female
and in the brain and muscle of the male specimens. Only the expected spliced
product was amplified in the target region of cyp19b.
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Figure 5 Schematic representation of cloned loci in cyp19a illustrating the intron splice
sites and areas to be cloned with primers as listed in table 1. The second frame shows
tissue specific amplification of cyp19a and cyp19b with an internal standard, Beta actin
on a 2 % agarose gel.
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Temporal quantitative cyp19a and cyp19b expression
Cyp19a transcript levels (primers OMAO3/2) measured in WBH samples of
developing juveniles increased statistically significant for the first time at 20 dpf
(p<0.01, MWU, Figure 6A). After this initial (primary, 1°, Figure 6A) increase in
cyp19a mRNA, it dropped again at 30 dpf and continued to show hardly any
cyp19a expression until a second increase at 65 dpf (p<0.01). At 85 dpf all
samples had an elevated level (secondary, 2° increase) of cyp19a which begs the
question of where in its sexual development these animals appear since spliced
cyp19a was completely absent in gonads of males tested for tissue specific
expression of cyp19a. During this period of 2° elevated expression, a clear
dimorphic pattern was determined of 50 % (n = 13) of samples expressing cyp19a
at zero or low (<6 fold) transcription levels, whereas the other 50 % (n = 13) of
data indicated clear induced expression (>9 fold) of cyp19a.
Quantitative expression of cyp19b revealed statistically significant increase
in expression at 15 dpf for the first time during our range of data. Hereafter, I
measured basal levels of cyp19b for the remainder of the period of development,
with much variation, pointing to no particular phase of high or low transcription
rates in O. mossambicus’s development. cyp19b therefore results in a expression
pattern not mirrored by that of cyp19a, reiterating the probable distinction in
function of the two isoforms in teleosts.
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Figure 6 Temporal expression of cyp19a (frame A) and cyp19b (frame B) in O.
mossambicus whole body homogenates during development. In frame A a primary (1°)
and secondary (2°) induction (asterisk, statistically significant at p<0.05) of cyp19a is
indicated at 20‐25 dpf and 80‐85 dpf respectively. Apart from an increase at 15 dpf
(asterisk, p<0.05), no significant induction relative to 5 dpf fish occurred in cyp19b
during temporal development.
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DISCUSSION
Aromatase is encoded for by either of two isoforms cyp19a or cyp19b in teleosts,
and is the only enzyme that is capable of aromatization of C19 androgens to C18
estrogens (Tchoudakova & Callard 1998) in combination with NADPH
reductase. Aromatase is therefore an enzyme playing a pivotal role in regulation
of the multitude of estrogen responsive genes (Cornil et al. 2006; Vasudevan &
Pfaff 2007) – one of which is vitellogenin.
Vitellogenin is the precursor protein for egg yolk, the source of nutrients
for the developing embryo in teleost fish, and is known to be under control of E2
via its genomic pathway where E2 binds to its nuclear receptor (ESR), permeates
the nucleus and binds to estrogen responsive elements (EREs) in the 5’flanking
area of vitellogenin gene (vtg). This process, known as vitellogenesis, occurs in
the liver of both male and female fish, however at differential levels between the
sexes.
The differential level of cyp19 transcripts therefore can affect assays used
to measure estrogenic EDCs in vivo. The behavior of cyp19 isoforms in the
Southern Africa tilapia, Oreochromis mossambicus was therefore studied during
development under conditions free of xeno‐estrogenic influence, providing
sound background to determine departure from normal expression levels, and
indicate substrate specificity of the two isoforms (cyp19a and cyp19b) found.
Histology
Embryological origin of somatic constituents of the gonad in fish (and other
vertebrates) is closely related to morphological sex differentiation of the gonads
(Nakamura et al. 1998), and the undifferentiated gonad consist of two somatic
cell components, the cortex and medulla. In addition, the cortex develops and
the medulla degenerates during ovarian development (Nakamura et al. 1998). In
tilapia (O. mossambicus) it has been documented that genital ridges already form
three (3) dpf with the germ cells of these ridges being enclosed by somatic cells
derived from the peritoneal wall (Nakamura et al. 1998). Furthermore, it has
been documented that the cortex is classically known to originate in the
peritoneal wall illustrated in Figure 1A, whereas the medulla derives from the
mesonephric blastema (Yamamoto 1969). Nakamura (1998), employ the relative
abundance of primordial germ cells to the number of surrounding somatic cells
to discriminate presumptive testes and ovaries in tilapia, as early as 20dpf.
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Although in the present study, at the light microscopic level I could make such a
distinction (see Figs 1A & 1B‐D), the detailed gonadal differentiation was
unclear. Nakamura (1998) suggested that mitosis and meiosis of germ cells takes
place earlier in ovaries of than in testes, at approximately 22dpf. Ovarian
differentiation has been described in O. niloticus as the proliferation of both
stromal and germ cells prior to ovarian meiosis (DʹCotta et al. 2001). However, in
the current study, this proliferation was not observed before the 20 dpf stage in
O. mossambicus.
In the present study, at the 40 dpf developmental age, gonadal structures
in O. mossambicus were enlarged exhibiting a proliferation of cells. Our
observations corroborate similar results reported in several studies confirming
the presence of germ cells in cord‐like, discontinuous clusters intercalated with
germ cell‐free spaces during the early gonadal development (Parmentier &
Timmermans 1985; Strussmann et al. 1996). Rocha & Rocha (2007) refer to this
stage of oocyte development as the oogonium stage, characterized by
proliferating oogonia. Another study on O. mossambicus and Carassius auratus,
describes stromal elongations of the gonad for the formation of ovarian cavity
(Nakamura et al. 1998) whereas others describes the formation of the ovarian
cavity before the appearance of oocytes in two species of tilapia O. niloticus and
O. aureus (Eckstein & Spira 1965; Nakamura & Nagahama 1985). The present
study confirmed the initial development of an ovarian cavity by the appendix‐
like stromal outgrowths (Figure 2F). In the gonochoristic fish Cichlasoma dimerus
the development of an ovarian cavity started at 58 dpf (Meijide et al. 2005). This
appendix‐like outgrowth is typically a cluster of somatic cells usually indicating
the origin of such outgrowths seen in other teleosts (Nakamura et al. 1998;
DʹCotta et al. 2001; Meijide et al. 2005). Apart from this initial dimorphic
differentiation at 40 dpf, I could not confidently recognize any clear indications
of organational changes suggesting putative ovary or testis development.
In a study reviewing sex differentiation in several teleosts (Nakamura et
al. 1998), spermatogenesis is described to start at 50 ‐ 70 days after hatching for
O. mossambicus, confirming the absence of accurately distinguishable male
gonads at 55 dpf. However, amongst the samples studied at ~55 dpf (52‐60 dpf),
the behavior of the somatic cells in the gonad clearly appeared sexual dimorphic
(Figure 3A) exhibiting a clear absence of meiotic presumptive oocytes amongst
abundant somatic cells indicate the possible differentiation of a testis. Although
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the basic timing of developmental events correspond to a report for O. niloticus
at 55 dpf by D’Cotta et al. (2001), the presence of germ cells in meiotic prophase,
could not be confirmed in the present study.
Specimens at 75 dpf exhibited morphological differentiation with oocytes
either in early perinucleolus stage or even advanced perinucleolus stage as has
been described by Rocha & Rocha (2006). At this ovarian development stage,
female O mossambicus juveniles contained oocytes with peripheral ooplasmic
lipid droplets pointing to early vitellogenic activity (biosynthesis of lipovitellin).
In Nile tilapia, from 60 dpf onwards typical steroid producing cells could be
clearly characterized by large mitochondria with tubular cristae (DʹCotta et al.
2001). The question of identification of true steroid producing cells in sexually
developing fish may however need to be re‐visited as evidence prove already
elevated levels of ESRs at 50, 20 and 20 dpf (ESR1, ESR2a and ESR2b
respectively, Chapter 4).
indisputable

The current study supports the general lack of

morphological

characters

that

suggest

early

dimorphic

differentiation (D’Cotta et al. 2001). Several reports indicated that the first
histological signs of differentiation are the occurrence of meiotic activity
following the proliferation of germ cells relative to somatic cells (West G 1990;
Hourigan et al. 1991; Hines et al. 1999; Leino et al. 2005; Park et al. 2007) but, I
support the concern of D’Cotta et al. (2001) that the molecular differentiation in
the presumptive ovary may in fact occur much earlier on account of increase of
cyp19a levels at an earlier stage as indicated by the present QPCR data (Figure
6A) and histological evidence, (Figure 1) to be ~20 dpf.
Tissue specificity
The liver receives circulating E2 from where the ligand traditionally known to be
produced in the brain and gonads (Cheshenko et al. 2008). In the gonads the
dominant isoform of cyp19 is the ovarian form (cyp19a) (Callard & Tchoudakova
1997; Callard et al. 2001; Toffolo et al. 2007), which is what our results confirmed
for O. mossambicus (Figure 5). Expression of cyp19a the present study was not
detectable in the testis tissue in contrast with some reports of occasional
expression in other fish species, which also reports expression of cyp19a in the
pituitary, eye, liver, kidney, heart, muscle, spleen, thyroid, intestine, gill and
blood (Kishida & Callard 2001; Goto‐Kazeto et al. 2004; Chang et al. 2005). In
trout, however, Guiguen et al. (1999) reported high levels of cyp19 mRNA in
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developing ovarian tissue, whereas none in testes. Considering amplification of
cyp19a with additional primer sets (Table 1), I found amplification of regions of
the gene transcript in all tissue types examined in the present study however
with different coding potential that the expected transcript (Figure 1).
Translating these unspliced products, I identified 2 or more stop codons in each
of the clones and therefore suggest that such transcript forms are not functional
for coding for the aromatase enzyme. The current study is therefore in
agreement with earlier studies indicating expression of cyp19a only to be in the
ovary of teleosts as been reported by Chiang et al. (2001) and Kishida and
Callard (2001).

Finally, these results underline the importance of using the

correct primers in a PCR reaction to avoid measuring additional transcript
variants.
As for cyp19b, in this study, transcript was amplified in the brain and
muscle of both male and female and in addition also in female ovarian tissue.
Several studies reported cyp19b in testis too, based again on PCR techniques.
However, immunohistochemistry fails to find cyp19 in Sertoli and germ cells in
testis (Kobayashi et al. 1988; Sunobe et al. 2005) so did the present study. Within
the brain, vertebrates express cyp19 most often in the forebrain, whereby it is
implicated in the control of reproduction and sexual behavior (Balthazart & Ball
1998). The duplication of the cyp19 gene on account of two different genes
present and expressed in different tissues can be explained by possible
partitioning of initial function as has been the theory for similar cases (Lynch &
Force 2000).
On a quantitative basis, sexual dimorphism in both mammals (De Vries &
Simerly 2002) and teleosts (Goto‐Kazeto et al. 2004; Forlano et al. 2006) is well
known for aromatase expression in the brain – specifically males tend to have
higher activity in the areas of the brain related to reproduction (Gonzalez &
Piferrer 2003). Moreover, aromatase activity and mRNA transcripts in
exclusively glial cells seems to be consistent only for teleosts over a range of
species (Forlano et al. 2006) in contrast with mammals and birds where cyp19
expression is restricted to neuronal cell bodies and nerve terminals under
normal conditions, but appears in glial cells only after brain injury (reviewed by
Cheshenko et al. 2007). The fact that cyp19b is markedly expressed and spliced in
the female ovary begs the question as to what the function of this isoform is.

101

Temporal expression
Cyp19 is being expressed in the early developing tilapia brain (Wang & Tsai
2006), and sexual differentiation in gonochoristic fish appears to be at least
partly regulated by the differential expression of cyp19 genes leading to changes
in sex steroid production (Cheshenko et al. 2008). This provides an entry point to
study sex differentiation if not determination in a South African Tilapia
(Oreochromis mossambicus). Studies on a few other gonochoristic species (Trant et
al. 2001; Sawyer et al. 2006; Greytak & Callard 2007; Hecker et al. 2007) pointed
out the significance of using differential expression of aromatase in monitoring
endocrine disruption of aquatic ecology.
Cyp19a transcript levels were high at 20 dpf when gonad differentiation
was observed. These levels dropped significantly such that by 60 dpf, they were
very low coinciding with a general dimorphic differentiation of gonadal tissue in
histology samples. Compared to expression of cyp19b during the same time
period (25 dpf – 60 dpf, Figure 2b), I measured elevated levels of the latter gene,
albeit much lower. The tissue specific analysis (Figure 5) revealed marked
expression in the ovarian tissue of cyp19b, which provides a possible explanation
for where aromatase may originate. Again the question of how either of these
isoforms is regulated during this time may provide remarkable insight into the
mechanisms directing gonadal differentiation during development of O.
mossambicus.
There is evidence shown in zebrafish (Danio rerio) that unfertilized eggs
had levels of cyp19a that compared similarly to that in ovaries and cyp19b was
higher, suggesting preferential synthesis or accumulation in mature oocytes
(Sawyer et al. 2006) although the study found that maternally derived cyp19
homologues were rapidly degraded post‐fertilization. Therefore, I hypothesize
further that either maternally received E2 or estrogen synthesized de novo upon
transcription of cyp19a in the undifferentiated gonads prior to gonadal
differentiation may result in upregulation of cyp19b via the presence of ERE in
the promoter area during this time period (25 – 60 dpf) whereas cyp19a lacks
ERE but has amongst others SF1 and SRY binding sites (Chang et al. 2005) – both
binding sites for gene products known to inhibit the expression of cyp19a (Crews
et al. 2001; Chang et al. 2005). In addition, female fathead minnows showed a
dose dependant E2 induction of cyp19b in agreement of the ERE found in some
gonochoristic species (Tchoudakova et al. 2001; Kazeto et al. 2001; Halm et al.
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2002; Chang et al. 2005). This is in agreement with male teleosts that demonstrate
an increased expression of the cyp19 genes found predominantly in the brain
(Goto‐Kazeto et al. 2004) during some stages of development (Blazquez &
Piferrer 2004). A study on fathead minnows by Villeneuve et al. (2006) may
indicate that regulation of reproductive activity occurs at a transcriptional level
with regards to cyp19a in that the enzyme activity of aromatase was significantly
lower in non reproductive adults’ ovaries. Yet, when the two cyp19s are
differentially measured, not cyp19b, but very well cyp19a was down regulated in
the ovaries of non reproductive adults’ ovaries (Villeneuve et al. 2006).
Finally, the elevated expression of cyp19b as apposed to the virtual
absence of cyp19a during this time of development further suggests the
neuroendocrine role of cyp19b in teleosts. In zebrafish, males were grouped
according to their levels of cyp19b expression in to “high” and “low” expression
groups (Trant et al. 2001). Hoewever no bipolar distribution of data was found in
this study (Figure 2B).
Positive and negative regulation of FSH and LH by steroids illustrates a
seasonal variation when dependent on aromatase in these fish (reviewed by
Cheshenko et al 2007), possibly explaining some of the variation found in the
expression levels for both cyp19a and cyp19b.
Aromatase and vtg
Vitellogenin gene activation in teleosts is known to be receptor mediated as has
been pointed out by the molecular basis for vitellogenin gene (vtg) expression in
juvenile Atlantic salmon (Meucci & Arukwe 2006) – specifically responses that
are ligand structure‐dependent interactions with ESR in addition with other
activators. Moreover, cyp19b activity has been found in a gonochoristic fish
(bream) to be positively and significant correlated with plasma estradiol in
females whereas in males it was found to be correlated to testosterone (11‐
ketotestosterone) (Hecker et al. 2007). In some studies it has been shown that
transcriptional level and enzyme activity of aromatase are correlated in tilapia
(Chang et al. 1999) and other species (Fukada et al. 1996; Gelinas et al. 1998) and is
therefore applied as an indication of E2 production and even sex differentiation
in various teleosts (Baroiller et al. 1999; Trant et al. 2001; Kishida & Callard 2001;
Blazquez & Piferrer 2004; Luckenbach et al. 2005) including tilapia (DʹCotta et al.
2001; Kwon et al. 2001; Chang et al. 2005). E2 can be produced only by cyp19
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aromatase (Simpson et al. 1994) in combination with NADPH reductase (Conley
& Walters 1999) from either testosterone or androstenedione via estrone
(Tsuchiya et al. 2005). Therefore, if vtg of an individual is induced by E2, that
sample had to have either high levels of E2 already or had to synthesize it de novo
and therefore had to have upregulated cyp19 genes in its body. In this study I
correlated the expression of vtg with either isoform of cyp19 for each sample.
In this regard, no correlation was found between cyp19a or b with vtg
when comparing mRNA levels as shown in Chapter 2. This is not surprising as I
suspect a time lag phase between expressing cyp19 and vtg induction by E2. The
O. mossambicus vtg promoter area indicates that regulation of the gene can be
orchestrated via EREs or other biding motives including vtg‐related motifs, Sox 5
and Sox 9, as well VBP, hepatic leukaemia factor (HLF) and GATA‐1 (Chapter 2)
which might provide a second answer to the question stated above. These results
indicate that regulation of vtg in fish may not be exclusively receptor mediated
as has been suggested by (Meucci & Arukwe 2006) for salmon and I propose
possible other mechanisms of vtg induction for samples with no transcript of the
aromatase genes present. Since regulation of vtg via E2 on the ERE of vtg’s
promoter is receptor mediated, ER levels for each of these samples may shed
more light on this matter as will it strengthen the proposed hypothesis if found
at low levels in these particular samples.
Ovarian E2 production is known to change depending on the stage of the
vitellogenic cycle it engages in various teleosts including tilapia (Chang et al.
1997), with an increase from the start of the cycle, and a decrease at the end of
vitellogenesis with the beginning of final oocyte maturation which coincides
with a steroidogenic shift involving a decrease in cyp19 ovary expression and
activity in the ovary (Chang et al. 1997; Goto‐Kazeto et al. 2004). On the contrary,
cyp19b change in a different manner with regards to the vitellogenic cycle: in
channel catfish (Kazeto et al. 2003) found this isoforms of the gene to remain at
low levels at recrudescent and vitellogenic stages, but to increase around the
time of spawning when ovaries reach the maturing stage, pointing to a
regulatory effect of the female reproductive cycle by both these isoforms of the
gene, albeit in opposite fluctuations.
When one consider that ovarian cyp19a expression is hosted by granulosa
cells, it can be that the expression is cell specific and since no cells similar to
granulosa cells are found in any of the testicular tissues, the expression of this
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gene is regulated in that manner. As for cyp19b that is expressed in the ovaries
(Figure 1), the question still remains as to in which cell type it is expressed, more
so since the testis is not found to have either of these genes expressed and
spliced within.
Sexual dimorphism
A recent gene expression study on zebrafish aromatase illustrated one tissue –
the eye – to exhibit sex differences in terms of quantities of cyp19b being
expressed in the eyes (Sawyer et al. 2006). In a semi quantitative study on
juvenile sea bass (D. labrax), the brain type aromatase has been shown to exhibit
higher in females than males at 200 dpf, the time of gonadal sex differentiation
(Blazquez & Piferrer 2004). Hereafter a switch occurred between 200 and 250
dpf with males illustrating higher cyp19b levels than females which were
maintained up to 300 dpf. These changes in expression profiles along with the
sex‐related differences found in European sea bass, indicates differences in the
functionality of the enzyme between males and females, suggesting and
important role for brain aromatase during sex differentiation (Blazquez &
Piferrer 2004). These authors suggest also a role in neurogenesis on account of
the continuous growth of the teleost brain throughout life.
Without known differentiated sex in O. mossambicus throughout the
developmental stages, quantitative sexual dimorphism in the expression of
cyp19a and cyp19b is not discernible using our current QPCR technique.
However, sexual dimorphism of adults where tissue can be dissected is
appropriate, and revealed higher expression of cyp19b in the brain of adult
female compared to an adult male. The samples used here were mature fish
after gonadal sex differentiation – agreeing with the 200 – 250 dpf stage in sea
bass.
Cyp19a in the ovaries is known to be upregulated at the vitellogenic stage
of oocytes (Goto‐Kazeto et al. 2004) and therefore can be expected to be changing
in a mirroring manner along with the vitellogenic cycle. It is therefore not
strange to find animals with high cyp19a expression to have high vtg expression
too. But this is expected to hold true for only cyp19a, which I indeed found to be
the case for O. mossambicus. However, one need more information about the
availability of E2 (and other estrogens) after being metabolized by aromatase to
fully understand what is happening in the gonadal tissues of both male and
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female tilapia. Since cyp19a might be active but availability of ER could very
much be responsible for prevention of the metabolized E2. Again, its also
important to keep in mind that E2 might signal in a non‐genomic manner
involving diverse second messenger systems (Falkenstein et al. 2000) albeit for
short periods of time (seconds/minutes).
CONCLUSION
Teleosts carry a duplicated cyp19 gene which highlights the evolutionary
significance of maintaining two active genes for specific functions in specific
tissues, and offers an opportunity to characterize the role of this gene product in
its particular sites in more detail. In the arena of endocrine disruption, the
natural interplay of these two genes can provide classic information of one of the
best studied groups of EDCs yet – that of estrogenic substances. However, before
one understands the natural biology of E2 responsive genes, making inferences
on account of these genes may provide a dubious picture and inaccurate
predictions of endocrine disruption by estrogenic compounds.
Cyp19b is noted elsewhere to serve as a neural marker of estrogenic effect
in teleosts (Sawyer et al. 2006) but is also stated to serve as an entry point for
studying

the

role

of

hormonal

and

environmental

estrogens

on

neurodevelopment and neuroplasticity. I add hereby to a platform (Chapter 2)
for what is normal expression of both cyp19a and cyp19b with supported
histological gonadal development during the various life stages of O.
mossambicus, and variation especially within the juveniles which might prove to
be a valuable asset in this regard.
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Chapter 4

Isolation and characterization of three
estrogen receptors in Oreochromis
mossambicus
ABSTRACT
Exposure of aquatic organisms to 17β‐Estradiol (E2) induces a variety of
estrogen responsive genes, including vitellogenin (vtg), the precursor protein of
egg yolk in oviparous species. Transcription regulation of vtg by E2 is
dependant on binding of the ligand (E2) to a specific nuclear receptor (estrogen
receptor, ESR) which in turn binds to the estrogen responsive element (ERE) in
the promoter of vtg. As Oreochromis mossambicus is targeted as a model for
estrogenic endocrine disruption in Southern Africa, a platform of knowledge is
necessary for the ontogenic and tissue specific behavior of ESR in this species
before vitellogenin levels can be interpreted in relation to such endocrine
disruption. Answering in part to this demand, I isolated and sequenced three
homologues of ESR in O. mossambicus and developed subsequent protocols to
ascertain quantitative transcription levels of these three isoforms in adult brain,
gonadal and hepatic tissues. Finally I used these protocols to describe
quantitative gene levels during development in this species.
Keywords: Estrogen receptor (ESR), Mozambique tilapia, quantitative real‐time
PCR (QPCR), Endocrine disruption, temporal transcription
INTRODUCTION
The endocrine steroid hormone 17β‐Estradiol (E2,) performs a multitude of
functions in both the male and female physiological systems. Apart from its
primary reproductive effects which include controlling reproductive processes
in male and female vertebrates, gonadal function and many secondary
reproductive functions, E2 also plays an important role in liver and
cardiovascular physiology, neural growth and differentiation, neuroprotection,
cognition, and regulation of mood (Vasudevan & Pfaff 2007; Brann et al. 2007).
In addition, oviparous species are known to be dependant on the presence of E2
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in order to produce large quantities of the egg yolk precursor protein,
vitellogenin (VTG). This, along with the vast majority of endocrine disruption
studies revealing estrogenic interference, provides a rationale for detailed
studies on matters where estrogens are concerned.
E2 is traditionally known to affect target genes through binding to
specific

nuclear

receptors

and

influencing

response

genes

through

transcriptional regulation (Wang et al. 2005). However, E2 has recently been
shown to have at least two different mechanisms of action in vertebrates: (i) the
classical “genomic mechanism” via its regulation of transcription of target
genes, and (ii) its “non‐genomic mechanism” where it binds to membrane
receptors or recognition sites mediating its action through regulation of
transcription but not via its own ligand‐receptor complex (Falkenstein et al.
2000). The latter mode of action is suggested to represent a more rapid effect
and include activation of kinases and release of calcium which in turn activate
other signaling cascades in the cytoplasm and finally in the nucleolus where
transcriptional regulation is potentiated (Nilsson et al. 2001).

In turn, the

classical genomic mechanism of E2, which incorporates specific nuclear
receptors, provides an entry point to study some aspects of the function of E2.
Binding of estrogens to nuclear receptors has been well documented for
mammals, in which temporal and tissue‐specific actions of estrogens are
mediated by either of two isoforms of ESR, denoted ESR1 and 2 (Pearce &
Jordan 2004). ESR1 was the first ESR cloned and isolated from MCF‐7 human
breast cancer cells (Walter et al. 1985; Greene et al. 1986) with ESR2 cloned
about a decade later from rat prostate (Kuiper et al. 1996). In fish, three
isoforms of ESR has been identified. These are transcribed for by distinctive
genes (ESR1, ESR2a and ESR2b, also known as ERγ) to result in functionally
different receptors that have distinct expression patterns in vivo, and for which
all co‐factors are not functionally equivalent (Hawkins et al. 2000). Substrate
preference has been reported for the different ESRs in various species
(McDonnell & Norris 2002; Greytak & Callard 2007) and several different splice
variants have been described for ERs in both mammals and teleosts (Pearce &
Jordan 2004; Meucci & Arukwe 2006; Martyniuk et al. 2007; Traupe et al. 2007).
In mammals, both ESR1 and β are known to localize in the breast, brain,
cardiovascular system, urogenital tract and bone (Pearce & Jordan 2004). In the
liver however ESR1 is known to be the predominant isoform, whereas ESR2 is
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the main ESR in colon tissue (Pearce & Jordan 2004). Teleost fish has been
shown in a few studies to express ESR1 in liver tissue, whereas in ovarian
tissue, both ESR2a and ESR2b are the most transcribed isoforms (Menuet et al.
2004; Sabo‐Attwood et al. 2004). This information for Mozambique tilapia
under investigation is not available to date, and can provide significant
information with regards to the mechanism by which E2 function both during
developmental programme, and possibly in

reaction on

vitellogenic

transcription inducers.
The aim of this study was therefore to isolate and sequence ESR cDNA
in O. mossambicus with the objective to describe the expression of ESR
quantitatively in different tissues (spatial variation) and during the normal
developmental programme (temporal changes) using quantitative real‐time
reverse transcription PCR (QPCR). To this end, three ESR transcript isoforms
in O. mossambicus were cloned and sequenced, and subsequent information was
used to develop a QPCR protocol to describe the expression of all isoforms
during developmental stages in O. mossambicus.
MATERIALS AND METHODS
Animals and sampling procedure
Adult breeding stock of Oreochromis mossambicus were obtained from Aquastel
(South Africa) and maintained in aquaria with water which is constantly
aerated and filtered through activated charcoal. Water temperature was kept at
27 °C (±1 °C). Fish were fed once daily with Tilapia pellets (AquaNutro, South
Africa). The light regime followed a 14:10 light:dark cycle. Offspring
production was monitored daily in this mouthbrooding species. Females
carrying eggs in their mouths were removed from the breeding aquaria to
culturing tanks. In culturing tanks each brooding female was kept alone until
the offspring reached the swim‐up fry stage, at which time the adult female
was removed and re‐introduced into the breeding tank. Each batch of offspring
was reared separately in the same water conditions as for breeding stock.
Animals at the appropriate developmental stage (determined by age in 5 day
intervals after fertilization) were collected, euthanized using 0.01 % benzocaine
(Heynes Mathew, Ltd., South Africa) and preserved in RNAlater (Ambion Inc.,
USA) at 4 °C. At least three different breeding pairs were used to generate
offspring that were sampled at each developmental stage. For the adult tissue
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scan for determination of the various ESR amplicons presence, at least five
males and five females were dissected and the RNA prepared as outlined
below.
Total RNA isolation and cDNA preparation
Total RNA was prepared from specific tissues of adults or from whole body
homogenates of juveniles using TRIzol reagent (Invitrogen, USA) according to
the manufacturer’s instructions. Following resuspension of total RNA in
diethyl pyrocarbonate (DEPC)‐treated water, samples were treated with DNase
I (Promega, USA) for 30 min at 37 °C and precipitated with 0.1 volumes 3 M
sodium acetate pH 5.6 and 2.5 volumes of 95 % ethanol at ‐20 °C. The RNA
pellets were washed with 70 % ethanol and redissolved in 30 to 60 μl of DEPC‐
treated water. RNA yields were quantified spectrophotometrically at
Absorbance260nm and stored at ‐70°C. First strand cDNA was prepared from 2
μg of total RNA using oligo d(T)15 primers and SuperScript III RNase H‐
MMLV reverse transcriptase (Invitrogen, USA) as described by the
manufacturer. Samples were diluted 40‐fold prior to gene expression
determination and stored at ‐20 °C or used as template for ESR cloning as
described below.
Isolation of O. mossambicus ESR cDNA
PCR primer sequences for ESR1, ESR21 and ESR2B cDNA in O. mossambicus
were initially designed from the closely related Oreochromis niloticus (GenBank
acc. nu. U75604, U75605 and DQ462608 respectively). cDNA from ovarian
tissue of an adult female was used as template to perform long‐range PCR for
which a reaction consists of 1.5 mM MgCl2, 0.05 mM of each dNTP, 1 μM of
each primer (Table 1) and 2.5 Units of SuperTherm Gold (JMR Holdings, UK)
Taq polymerase in a 25 μl reaction. To each reaction, 50 ng cDNA was added.
PCR reaction volumes were denatured for 9 min at 95 °C, after which followed
30 cycles constituting of 30 seconds at 95 °C, 30 seconds at 64 °C and 3 minutes
at 70 °C, with a final elongation step of 5 min at 70 °C. PCR products were
checked for size on a 0.8 % agarose gel. Amplified DNA fragments were cloned
into pGEM‐T Easy vectors (Promega, USA) and transformed into E. coli DH5α.
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DNA sequencing and sequence comparisons
Plasmid DNA was isolated from positive clones detected by colony PCR, and
insert DNA sequenced using SP6 and T7 primers on an ABI PRISM® 3100
Genetic Analyser (Applied Biosystems, USA). The resulting O. mossambicus
ESR sequence information was deposited in GenBank (accession no.
AM284390, AM284391 and EU140820 for ESR1, ESR2a and ESR2b respectively).
I performed sequence analysis of the DNA and derived amino acid sequences
using ClustalW software according to Chenna et al. (2003) and graphic
illustrations were prepared with software available in Bioedit Sequence
Alignment Editor v7 (Hall 1999). Sequence alignments were done for various
vertebrates by using the BLAST program (Altschul et al. 1997).
Phylogenetic tree analysis
A phylogenetic tree of ESR1, ESR2a and ESR2b was constructed for the derived
amino acid sequences of the genes sequenced in this study as well as reported
sequences for ESR1, ESR2a and ESR2b in other teleost species. The deduced
sequences were aligned using CLUSTALW (Higgins et al. 1994) implementing a
Gonnet scoring matrix, and the phylogenetic tree was constructed with
application of the Neighbor Joining (Saitou & Nei 1987) method where
bootstrap analysis calculated the probability of the presented branching of 1000
possible tree values recorded are presented as percentage of times out of 1000
that a node was recovered (Felsenstein 1985). Phylogenetic and molecular
evolutionary analyses were conducted using MEGA v4.0 (Tamura, Dudley,
Nei, and Kumar 2007).
Gene expression analysis by QPCR
Primers for analysis of gene expression by quantitative real‐time PCR (QPCR)
were designed for ESR1, ESR2a and ESR2b from the distinctive genes
sequenced (Table 1). For house keeping gene purposes, a primer pair/locus
described in Chapter 2 was used for β‐actin (GenBank accession no. AB037865).
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Table 1 Oligonucleotide primer sequences in a 5’ to 3’ direction. Ta = annealing temperature
Target gene

Application

Primer

Sequence

Ta used

NCBI reference

ESR1

cloning

onERI 3

ATGTACCCCGAAGAGAGCC

65 °C

U75604

onERI 5

TCATGGGATGCGGGTGCAGTCG

U75604

omERI 8

TCCAATCCTGTGCTCTCGTC

AM284390

omERI 9

CACAGCGTCCCGCTTCC

AM284390

omERI 12

GCACATGAGCAACAAAGGC

AM284390

omERI 13

GCCTTTGTTGCTCATGTGC

AM284390

omERI 14

AGGCACCAGAGTTTAGCA

AM284390

omERI 11

TGCTAAACTCTGGTGCCT

onERI 5

TCATGGGATGCGGGTGCAGTCG

AM284390

omERII 1

CAACATGTGCCTCAGTTC

U75605

omERII 2

CTACTGGGATTCACCTCCG

U75605

omERII 3

GTCATGTCAGTAACAAAGGC

AM284391

omERII 4

GCCTTTGTTACTGACATGAC

AM284391

omERII 5

GAAGCTGCGTCCAGGGC

AM284391

omERII 6

CTGTTGGAGTGCTGCTGGC

AM284391

omERIIa7*

TAACTGGACCAGCTGAGGGT

omERIIa8*

AGTTCCTCAGACGGCAGCGA

omERIIb3

ATGACCTCCTCCCCTGCCCTGG

omERIIb5

TCAAGCTGTTTCCGTGACAACTCTG

omERIIb1*

CAGTGCACTATTGACAAGAACCGAC

omERIIb2*

CCAGCATGAGGATCTCCAACCAGC

QPCR
ESR2a

cloning

QPCR
ESR2b

cloning
QPCR

64 °C

66 °C

AM284390

AM284391
AM284391

65 °C

DQ462608
DQ462608

66.5 °C

EU140820
EU140820

*derived from (Wang et al. 2005)
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Gene expression was quantified using a using an Applied Biosystems 7500 real‐
time PCR system (Applied Biosystems, CA, USA). Each 15 μl QPCR reaction
contained 2 μl of first‐strand cDNA (40‐fold dilution), 7.5 μl SYBRgreen mix
(Sigma, Germany), 0.08 μl reference dye (Sigma, Germany) and 0.27 μM of each
primer. The thermocycle program included 95 °C (9 min), followed by 40 cycles
of 95 °C (15 sec), 31 sec at the appropriate annealing temperature (Ta) for each
amplicon (Table 1) and 72 °C (45 sec). At the end of each programme a
dissociation step was included as confirmation of amplicon size. Each DNA
amplification run included control reactions containing no cDNA template and a
standard concentration of each target DNA. Triplicate determinations were
performed for each sample and the CT values obtained across independent
amplification runs for a given gene target which were used to transform the data
into gene levels expressed as fold change compared to a standard (a 20 dpf
sample without exposure to additional chemicals) according to the ∆∆Ct method
(Pfaffl 2001; Bustin 2002; Rutledge & Côte 2003; Kubista et al. 2006). A dilution
range was generated for each gene target in 5‐fold dilution increments using the
appropriate gene contained in a plasmid used for sequencing. QPCR analysis of
these were used to determine PCR efficiency (PCR efficiency = 10 (‐1/slope) – 1).
In each PCR run, standard curves generated using plasmids containing
amplicons of interest showed a linear relationship between Ct‐values and
plasmid concentration with the correlation coefficient (R2) of 0.992, 0.998 and
0.995 for ESR1, ESR2a and ESR2b respectively. PCR efficiencies were calculated
as 92.4, 94.1 and 91.8 % for the respective genes, whereby the assumptions for
the ∆∆Ct method (Pfaffl 2001; Bustin 2002; Rutledge & Côte 2003; Kubista et al.
2006) are met. QPCR primer sets as described in Table 1 were validated for
specificity using the authentic gene‐containing plasmid. No product was
amplified in plasmids with genes other than the specific gene that has been
targeted.
Statistical analysis
Statistical analyses were performed using the software package STATISTICA
(data analysis software system), version 8 (StatSoft, Inc. 2007). Data sets were
first tested for normality. Quantitative data were log transformed before
statistical analysis to achieve statistical homogeneity (Zar 1996) when testing for
correlations between gene effects. Correlations between genes (variables) were
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analyzed using linear regression on scatterplots and Pearson method (Pearson
1896) or in case of data not normally distributed, the Spearman Rank Order
Correlations (Spearman 1904). The significance level for each test was set at
p<0.05 throughout the study. Comparison between groups was calculated using
the non‐parametric Mann‐Whitney U test when all data in groups were not
normally distributed.
RESULTS
Amplification and cloning of ESR genes
Following the alignment of nucleotide sequences for full length ESR alpha
(ESR1), beta one (ESR2a) and beta two (ESR2b) in O. mossambicus as well as
several partial fragments, the coding sequence (CDS) for each gene was cloned
and sequenced with additional two introns at the 3’ region of ESR1 and one
intron at the 3’ region of ESR2a (Figure 1). This result was significant in the light
of splice sites which offered a solution to develop primer sequences which
allows to effectively amplifying only spliced (mature) transcript levels of each of
these genes. I did not have any splice‐site information on O. mossambicus for
ESR2b and consequently used established primers from an earlier publication
(Wang et al. 2005) which proved to be sufficient.
Nucleotide (GenBank accession numbers: ESR1: AM284390, ESR2a:
AM284391, ESR2b: EU140820) and deduced amino acid (Figure 2) sequences of
isolated cDNA are 99, 99 and 98 % identical to the respective genes in O. niloticus
(GenBank accession numbers U75604, U75605 and DQ462608 respectively). The
receptors cloned and analysed in this study showed highly conserved areas for
the DNA‐binding domain and ligand binding domain.
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Figure 1. Schematic overview of designed primers in ESR1 (A), ESR2a (B) and ESR2b
(C) which produced splice variant templates. No splice variants were amplified for
ESR2b when using the primer pair OMER2b3/5 which are tested by Wang et al. (2005).
Arrows indicate loci of primers (Table 1) tested in this study.
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Figure 2 Alignment of the amino acid sequences of ESR1, ESR2a and ESR2b of
Mozambique tilapia. Darker shaded and outlined boxes points out identical amino
acids, whereas lighter shaded fragments without oulines illustrates similar amino acids.
Box I denotes the putative DNA binding domain, and Box II the putative ligand binding
domain.
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Phylogenetic analysis
To further characterize ESR in O. mossambicus, deduced amino acid sequences of
33 entries found in GenBank for teleost ESR1, ESR2a and ESR2b in addition to O.
mossambicus ESR isoforms were subjected to phylogenetic analysis (Figure 3).
The resulting tree is well resolved between the ESR1 and ESR2 groups.
However, a further node with 100 % bootstrapping was found between ESR2a
and ESR2b. The tree revealed that O. mossambicus ESR1, ESR2a and ESR2b are
related closest to the respective genes in O. niloticus. Within the teleost ESR1
group 100 % bootstrap support distinction between a zebrafish lineage from the
tilapia group. Within the ESR2 group, ESR2a and ESR2b are clearly grouped
separately with again 100 % bootstrap support. ESR2a group resolve again in the
same manner as ESR2, but ESR2b is less convincing with 79 % support (GenBank
accession numbers are given in legend of Figure 3).
Tissue specific gene analysis
Expression of ESR1, ESR2a and ESR2b was further characterized by quantifying
substrate specificity in adult males and females. ESR1 transcript level in females
is significantly higher in liver tissue compared to brain (p<0.05, Mann‐Whitney
U) but not ovaries (Figure 4). This isoform was not expressed significantly
higher in either male tissue type examined (liver, brain, testes). ESR2a was
expressed in all tissue samples except testes at detectable levels, however no
polymorphism with statistical significance between any of the tissues. ESR2b
was again mostly expressed in livers of the adult females (p<0.05, Mann‐Whiney
U), however males showed no statistical significant tissue specificity for this
form of ESR. I found ESR2b expressed in all tissues at very low levels, whereas
both male and female liver housed elevated levels (p<0.05, Mann‐Whitney U) of
this isoform but no dimorphism between the sexes.
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Figure 3 Phylogenetic tree based upon the alignment of deduced amino acid sequences
of Mozambique tilapia ESR sequences and reported ESR sequences in other teleostean
species. Phylogenetic analysis was carried out by MEGAv4.1 using p‐distance based on
Neighbor‐Joining method with 1000 boostrap replicates. The tree was rooted by using
Zebrafish estrogen related receptor as the outgroup. The number shown at each branch
indicated the boostrap values (%). GenBank accession numbers are as follows: Japanese
eel (Anguilla japonica) ESR, 2073112; Astatotilapia burtoni (Astatotilapia burtoni) ESR1,
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41056569; Goldfish (Carassius auratus) ESR1b, 38327071; Goldfish (Carassius auratus)
ESR1a, 16118450; Goldfish (Carassius auratus) ESR2, 4666317; Goldfish (Carassius auratus)
ESR2b, 7012682; Red seabream (Chrysophrys major) ESR, 2447037; Zebrafish (Danio rerio)
ESR1, 23308674; Zebrafish (Danio rerio) ESR2a, 31340676; Zebrafish (Danio rerio) ESR2b,
56711295; Zebrafish (Danio rerio) ESR2a, 24421226; Zebrafish (Danio rerio) ESR2b,
23466358; Channel catfish (Ictalurus punctatus) ESR1, 7527467; Mangrove rivulus
(Kryptolebias marmoratus) ESR2, 85013466; Mangrove rivulus (Kryptolebias marmoratus)
ESR1, 85013464; Rainbow trout (Oncorhynchus mykiss) ESR2b, 82409101; Rainbow trout
(Oncorhynchus mykiss) ESR2a, 77020882; Rainbow trout (Oncorhynchus mykiss) ESR2b,
77020880; Cherry salmon (Oncorhynchus masou) ESR1, 82582234; Nile tilapia
(Oreochromis niloticus) ESR2, 4098200; Nile tilapia (Oreochromis niloticus) ESR1, 4098198;
Nile tilapia (Oreochromis niloticus) ESR2b, 92090686; Mozambique tilapia (Oreochromis
mossambicus) ESR2a, AM284391; Mozambique tilapia (Oreochromis mossambicus) ESR1,
AM284390; Marine medaka (Oryzias javanicus) ESR2, 60101767; Marine medaka (Oryzias
javanicus) ESR1, 60101765; Medaka (Oryzias latipes) ER, 6451939; Fathead minnow
(Pimephales promelas) ESR2, 48525995; Fathead minnow (Pimephales promelas) ESR1,
55139373; Roach minnow (Rutilus rutilus) ESR, 59805062; Atlantic salmon (Salmo salar)
ESR1, 74422192; Atlantic salmon (Salmo salar) ESR2, 40846403; Gilthead seabream
(Sparus auratus) ESR1, 115313957; Gilthead seabream (Sparus auratus) ESR2b, 49523737;
Gilthead seabream (Sparus auratus) ESR2, 4838541; Mozambique tilapia (Oreochromis
mossambicus) ESR2b, EU140820
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Figure 4 Quantitative gene expression of ESR1, ESR2a and ESR2b amongst gonadal,
brain and liver tissues in adult O. mossambicus. Relative fold change has been calculated
against 20 dpf juvenile whole body homogenates (n = 20).
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Gender specific gene analysis
Gender specific dimorphic expression patterns were found for liver samples of
adult specimens in ESR1 at p<0.05 (Mann‐Whitney U). No significant difference
between male and female samples were found for ESR2a and ESR2b in liver or
gonadal samples, nor in any other tissue compared for either of the ESR
isoforms.
Temporal expression
Temporal up‐ and down regulation of ESR1 in O. mossambicus revealed
significant up regulation at 50‐60 dpf and significant down regulation again
thereafter (Figure 5). Expression of ESR1 remains low again until 95 dpf when
another significant increase occur which decrease again at 105 dpf. Hereafter
basal levels was measured of ESR1 until 110 dpf.
Relative to the 5 dpf samples, ESR2a increased significantly at 20 dpf
(p<0.05, Mann‐Whitney U). Hereafter, our data revealed basal levels of ESR2a
but include much variation. At 60 dpf significantly low levels were measured
where after another increase occurred, peaking at 75 dpf.
ESR2b mRNA increased significantly for the first time at 20 dpf, and
continued to be present at an elevated level until 45 dpf significant decrease
occur, remaining low with much variation and no significant increase or
decrease.
When the juvenile data for ESR1 is compared to adult females, juveniles
at 60 dpf are maintaining similar levels of the gene than female ovaries, but ~10
times less than female liver tissue. As for the ESR2 isoforms, juveniles expressed
ESR2a at ~ 50 times less than both ovarian and liver tissue, and ESR2b again at
similar levels than female ovaries, but ~150 times less than female liver.
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Figure 5 Real‐time PCR quantification of ESR1, ESR2a and ESR2b mRNA from whole
body homogenates during the period 5 dpf to 110 dpf.
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DISCUSSION
Assessing the biologic consequences of chronic multigenerational exposures to
endocrine disrupting compounds (EDCs) is a complex challenge. Consequently,
some aspects of the endocrine system are studied in a piece meal fashion (Kime
1998; Anway & Skinner 2006; Segner et al. 2006; Hiramatsu et al. 2007; Hecker et
al. 2007). EDCs known to have estrogenic effects, are modeled and screened for
by using in vivo and in vitro bioassays or a combination thereof (McLachlan 2001;
Brown et al. 2003; Jacobs 2004) which are most often absolute or quantitative
responses by estrogen‐responsive genes (Chapter 1). Most of these genes are
regulated by E2 via the genomic pathway whereby the ligand binds to it specific
nuclear receptor, ESR. To understand and monitor xenoestrogenic effects in vivo,
it is thus imperative to fully characterize the normal expression of ESR in non‐
induced animals in order to make informed conclusions with regards to the
expression levels of such estrogen responsive genes.
Three ESR subtypes have previously been cloned from several fish species
including the tilapiines O. niloticus (Chang et al., 1999; Wang et al., 2005) and O.
aureus (le Roux et al., 1993; Tan et al., 1996). The current study confirmed the
presence of these three ESR paralogues in O. mossambicus. Typically vertebrate‐
like (Urushitani et al. 2003; Wang et al. 2005; Greytak & Callard 2007), ESR in O.
mossambicus segregates firstly into two subclades (ESR1 and ESR2, Figure 3).
Wang et al. (2005) reported a third ESR subtype, ESR2b for O. niloticus that was
consequently confirmed for Mozambique tilapia in this study.
The duplication of these genes are believed to be the result of
polyploidization or genome duplication amongst ancestral aquatic vertebrates
(Wang et al. 2005). After duplication of the ancestral ESR1 gene, the coding
sequences of ESR2b accumulated novel mutations at a greater rate than ESR2a as
is indicated by patterns of amino acid divergence in other teleosts (Hawkins et al.
2000). In situ hybridization of ESR1, ESR2a and ESR2b in Atlantic croaker
hypothalamus illustrated different patterns of expression (Hawkins et al. 2000),
which, in addition to differential expression in rats (Osterlund et al. 1998),
suggests distinctive neuroendocrine roles. Quantified ESR expression levels in
brain of the O. mossambicus (Figure 4) for each of the isoforms reported in this
study supports this hypothesis. Extensive work have been done on differential
expression of ESR isoforms in the brain tissue of human and other primate and
its implications discussed (Osterlund & Hurd 2001; Perez et al. 2004; Manthey &
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Behl 2006; Gioiosa et al. 2007; Brann et al. 2007). Evidently, when ESR is
expressed in brain tissue, ESR1 may modulate neural cell populations involved
in automatic and reproductive neuroendocrine functions as well as emotional
interpretation and processing, whereas ESR2 is suggested to play a role in
cognition, non‐emotional memory and motor functions (Balthazart et al. 2006).
Published results further suggest that E2 can modulate behavior and functions
mediated by the amygdale and hypothalamus via differentially regulated ESR
subtypes

(Osterlund

et

al.

1998).

In

fish

however,

the

specific

functions/modulation effects of the isoforms are still largely unclear, but studies
in this regard may help to shed light on the dual nature (Figure 2, Chapter 1) of
estrogen pathways in vertebrates (Falkenstein et al. 2000).
The ESR forms part of the nuclear receptor superfamily (Evans 1988). ESR
has been studied extensively in mammalian models and to a lesser extent in
other vertebrates, including teleosts (Wang et al. 2005; Meucci & Arukwe 2006;
Martyniuk et al. 2007; Greytak & Callard 2007). The level of ESR transcription
itself is known to be generally under control of E2 and up‐ or down regulation is
tissue specific (Tsai & OʹMalley 1994; Arnold et al. 1996; Tan et al. 1996). In
oviparous species, the hepatic ESR concentration is markedly increased by E2, –
not surprising since the liver is one of the main target organs for estrogens
during the adult life of teleosts (Tata 1976; Ding et al. 1990). The current study
supports this issue as within male and female adults, highest expression of ESR1
was found in the liver, with the only sexual dimorphic pattern in the liver
samples. The other two isoforms did not reveal such dimorphism (Figure 4) and
is in agreement of results found in zebrafish (Danio rerio) and trout
(Oncorhynchus mykiss) confirming that the expression of ESR1 is robustly
stimulated by E2 treatment in vivo (Pakdel et al. 2000; Menuet et al. 2004). In the
light of this, these results further suggest that ESR1 may very well be the main
receptor responsible for ligand binding in the liver, which is in turn the only
target for vtg transcription as shown in the splicing‐related results in Chapter 2.
This is however not exclusive to the expression of other isoforms as in both male
and female livers, measured low but detectable levels were measured of both
ESR2a and ESR2b. Furthermore, the elevated expression of ESR1 in both the
gonads of males and females in this study reveal a definite genomic pathway
(Figure 2, Chapter 1), only or in part by E2 in these tissues. As no dimorphism
was found between male and female of either of the ESR2a or ESR2b isoforms in

131

the gonads, the data suggest that during the reproductive cycle of adults when
E2 levels fluctuate, ESR2 isoforms have distinct implication on hepatic functions
as was found by Menuet et al. (2004) and Sabo‐Attwood et al. (2004). In the brain
of male and female adults, ESRs were all very low expressed which points to a
possible non‐genomic pathway to occur in the brain as has also been suggested
by others (Osterlund & Hurd 2001; Balthazart et al. 2004).
Expression of ERs during ontogeny in fish has been reported to start soon
after fertilization – in zebrafish as early as 48 hours post‐fertilization for all
isoforms of ESR (Bardet et al. 2002). Such early expression of ESR is feasible in
the light of maternally inherited E2 in embryos which only diminishes after the
onset of gonadal differentiation (Hines et al. 1999) in tilapia. Hereafter, E2
remains low until after ovarian development which is discussed by Martyniuk et
al (2007) to be influenced partially by temperature as cyp19b and ESRs (Wang &
Tsai 2000; Tsai et al. 2000) are reported to be expressed increasingly at higher
temperatures (Blazquez et al. 2001; Piferrer et al. 2005). It therefore seems likely
that differential expression of ESRs in response to environmental signals is a
important factor contributing to gonadal and brain development (Martyniuk et
al. 2007). E2 function via this genomic pathway is therefore dependent on the
availability of ESR which is subsequently implicated in estrogenic endocrine
disruption. In the present study all ESR isoforms’ expression is initiated at 20
dpf. ESR transcripts are shown to be maternally transferred but rapidly
degraded post‐fertilization in killifish, and ESR1 transcripts is selectively
expressed by preovulatory oocytes in contrast with mRNA of either of the ESR2
isoforms (Greytak & Callard 2007). In the present study for all three ESR
revealed very low expression during the 5 to 15 dpf window. The relatively low
expression of ESR2b in the ovary (which includes unfertilized eggs) therefore
suggests that ESR2b found in juveniles is made de novo, and not been maternally
transferred, which agrees with the situation in killifish (Greytak & Callard 2007).
In comparison, ESR1 is being upregulated as of stage 20 dpf in O. mossambicus.
Gonads in Tilapia are known to start to differentiate around 21 dpf (Nakamura
et al. 1998; DʹCotta et al. 2001; Chang et al. 2005) but as our histology (Chapter 3)
determined, this differentiation is only somatically, and no distinguished germ
cells are present. These were only identified in selected cases at 40 dpf.
Therefore, and in addition to Nakamura et al. (1998), I postulate the liver of the
different sexes may react differentially to sex specific stimuli (hormones and
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temperature) and therefore would be induced in females and to a lesser degree
in males.
The absence of a dimorphic expression profile in ESR2b during the
complete period I investigated indicates that this gene may possibly not be
under gender specific regulation which is supported by the absence of ESR2a or
ESR2b induction by E2 in livers of other teleosts (Menuet et al. 2004; Sabo‐
Attwood et al. 2004).
Correlation with vtg
On account of the expected functional relationship of ESR1 in hepatic tissue of
adult specimens with vitellogenin production, I tested for correlation between
the various ESR isoforms and VTG quantified transcript levels in liver (Table 3).

Table 2 Spearman Rank Order Correlation values for O. mossambicus liver samples.
Bold values are significant at p < 0.05

vtg

ESR1

ESR2a

vtg

‐

ESR1

0.035961

‐

ESR2a

‐0.304725

‐0.073659

‐

ESR2b

‐0.311848

0.009092

0.323365

ESR2b

‐

In hepatic tissue of adult O. mossambicus, I found a significant (p<0.05)
correlation of vtg with ESR2a and ESR2b transcripts. Vitellogenin is known to
have functions additional to egg yolk formation in teleosts (Tata 1976; Norberg et
al. 1989; Ding et al. 1994). Therefore it is not surprising that vtg expression in
hepatic tissue correlates well with ESR2b expression. However, in the light of the
previous discussion, not ESR2 isoforms, but ESR1 is expected to correlate with
vtg expression. Excluding males from this correlation did not change the results
(not shown). A possible explanation may be that females tested (n = 9) may be at
various stages in the vitellogenic cycle, during which it is known for a female to
have varying levels of vitellogenin. I suggest that ESR1 may be under direct
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regulation of E2 which also induce vtg expression at the appropriate time in the
vitellogenic cycle. However, at stages of low vtg expression in the liver of
females, vtg may be down regulated in turn by other transcription regulators as
is discussed in Chapter 2. I further propose that ligand binding to ESR2b might
be the pathway whereby basal levels of vtg are maintained over and above the
gender dependant regulation of vtg via ESR1, however not E2 regulated. On the
contrary, a study on largemouth bass (Micropterus salmoides) illustrated in adults
that elevated vtg and E2 levels was correlated with up regulated ESR1
transcription and to a lesser extent with ERγ (ESR2b) whereas ESR2 (ESR2a)
remained unchanged during the upregulation of vtg and E2 (Sabo‐Attwood et al.
2004). Conversely, the present study and another on feral adult O. mossambicus
found no correlation between ESR1 and vtg, with the latter also not correlating
ESR2 (isoform not distinguished) and vtg in an estrogen polluted river (Park et
al. 2007), questioning the current theory that ESR gene expression is induced in
an isoform specific manner by xenoestrogens (Meucci & Arukwe 2006; Greytak
& Callard 2007). This challenge researchers in the toxicogenomics arena with the
question of mode of action by E2 with regards to which method is being used to
monitor E2 presence in aquatic systems. Subsequent studies therefore on O.
mossambicus may provide a tool at another level to monitor estrogenic exposure.
CONCLUSION
Vitellogenesis as endocrine disruption endpoint in oviparous species has been
used extensively for the past two decades to report E2 activity in aquatic systems.
But as I approach to understand the mechanisms of action estrogens
incorporates, modern research on this matter is challenged with contradicting
results between several species when this nuclear ligand receptor (ESR) is
concerned.

Overall, this study confirms the basal expression of ESR2a and

ESR2b during temporal development, with a clear upregulation of ESR1 during
the time of gonadal differentiation. In addition quantitative results support the
inducing effect of ESR1 by E2 in adult specimens. This study therefore underlines
the necessity to firstly characterize the behaviour of ESR isoforms at
transcriptional and translational levels and secondly to investigate other
pathways such as the suggested “non‐genomic” pathway of estrogens proposed
in recent literature for specific species under investigation before inferring any
estrogenic endocrine disrupting effects.
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General conclusion
Several synthetic chemicals, termed xenoestrogens, have shown proof to interact
as agonists with the estrogen receptor (ESR) to elicit biological responses similar
to those of natural estrogens, such as 17β‐Estradiol (E2). In turn, E2 itself can only
be aromatized from androgens by Cytochrome P450 19 (cyp19). As I approached
to study quantitative expression of genes related to endocrine disruption, I chose
the product most often used in estrogenic endocrine disruption, vitellogenin
(VTG). The gene coding for VTG (vtg) is known to be particularly responsive to
E2 (or any xenobiotic form thereof) in oviparous animals (Chapter1 and 2).
Building a platform from which Southern Africa can monitor estrogenic
disruption in the freshwater aquaculture species Oreochromis mossambicus, the
present study reports the partial cloning of vtg and 3 kb of 5’flanking area.
Subsequently, cloning (in part or in full) of two isoforms of cyp19 and 3 isoforms
of ESR was included, which in itself is known to be responsive to E2. Resulting
sequences from these candidate genes provides in addition to its academic
knowledge, the opportunity to develop sound quantitative protocols by which
transcription can be quantified (Chapters 2‐4). A recent study (Davis et al. 2007)
reported three different isoforms for vtg in this species. The present study
(Chapter 2) however clearly illustrates splice variants to occur in tissues other
than liver, but those fragments revealed the retention of introns which indeed
code for stop codons when translated in frame. For the purpose of translating
vitellogenin protein, those are considered non‐functional transcripts which I
refer to as “immature” mRNA. Therefore the results presented by Davis et al
(2007) is not supported in this study, and further investigation may shed light on
this issue. In addition, this study has reported for the first time the matter of
“immature” mRNA for vtg which occurred in tissues other than liver of O.
mossambicus, and may provide an explanation for contradicting results reported
for vtg in studies to date.
Temporal expression of vtg, cyp19 (a and b) and ESRs revealed basal
levels of all genes at 20 dpf. The data further suggest on the matter of E2
induction, that even though vtg may be inducible (by exogenous estrogens,
Chapter 2), it may possibly be suppressed by factors not determined in this
study. Why? Vtg expression was low and not even upregulated during the time
of gonadal development as was indicated by histological results (Chapter 3).
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Conversely, cyp19a revealed significant increase of transcript levels around 80
dpf, and ESR2a around 75 dpf. ESR1 illustrated severe increase during the time
of onset of gonadal differentiation ‐ ~55 dpf. As the liver of juvenile fish by this
time is “equipped” to induce vtg transcription, we did not measure that.
Secondly, the argument of suppression of vtg, is supported by results in adult
tissue specificity. ESR1 in teleosts is known to be under the strict control of E2
(Menuet et al. 2004; Sabo‐Attwood et al. 2004). It would be expected that
especially in adult gonads dimorphism would be apparent, which was not the
case. Amongst un‐induced males and females, a dimorphic expression pattern
was measured instead in liver samples, supporting the possible induction by E2.
However, as this dimorphism was only reported in liver samples and not in
gonads which is the major site of E2 synthesis another hypothesis may be
presented. ESR1 may be highly under the regulation of E2, but ESR2a is hereby
suggested to be the major role player in vtg regulation by E2 – a theory further
supported by data published for goldfish (Soverchia et al. 2005) and rainbow
trout (Leanos‐Castaneda & Van Der Kraak 2007).
In terms of EDC monitoring, the results in this study provide a method to
measure estrogenic disruption in both the natural environment and controlled
experimental studies, using the confirmed primer sets for quantitative vtg
expression and providing reference values for such monitoring.
In conclusion, this study present, in addition to the academic results
discussed and reported in chapters 2‐4, a sound method to monitor estrogenic
disruption at a transcriptional level in tier I screens in the endocrine disruption
community of Southern Africa, using a native species, responsive to low and
high concentrations of E2 without mortality.
In using juveniles for this purpose project managers can use increased
numbers of animals, reduce analysis duration and benefit by not having to deal
with sex dimorphism.
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